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ABSTRACT 

The stable isotope ratios of hydrogen and oxygen (2H/1H (δ2H) and 18O/16O (δ18O)) are an 

important, and widely applied set of tracers, used to trace water movement through the soil-

plant-atmosphere continuum. They are employed in a variety of physiological, ecohydrological, 

and biogeochemical studies. An accurate understanding of the global water balance will be 

critical in a world undergoing rapidly changing climatic conditions. Specifically, understanding 

how, where, and when plants get their water from the soil is crucial to our management of water 

resources, especially considering a future where the availability of fresh water for irrigation may 

be limited. For studies investigating plant water use via stable isotopes, water (analyte) 

extraction and analysis are a critical step. Several methods exist to extract and analyze plant and 

soil analytes for stable isotope composition. However, new work has called into question the 

validity of using these methods interchangeably when extracting soil bound analytes. Within this 

thesis work, I began by inter-comparing six methods of plant analyte extraction for stable isotope 

analysis of δ2H and δ18O values, to determine if these extraction systems return accurate, 

interchangeable results. I then examined how the presence of co-extracted organic contaminants 

like methanol and ethanol effected stable isotope results returned by the Los Gatos Research off 

axis-integrated cavity output spectroscopy (OA-ICOS) system. Additionally, I assessed the 

effectiveness of the Absorption plot and the Spectra Fit Residuals plot, sub components of the 

OA-ICOS system, at detecting organic contamination during vapour-mode analysis.   

 

Key findings of this work are: (1) The tested methods of plant analyte extraction returned 

significantly different (p≤ 0.05) results; (2) Direct vapour equilibration may be a useful approach 

for plant analyte extraction-analysis due to potential limited interference from organic 

compounds, rapid sample throughput and field portability; (3) I confirm that methanol and 

ethanol drastically impact returned stable isotope results during analysis by spectrometric 

methods (OA-ICOS), but contrary to the findings of previous work, methanol caused OA-ICOS 

results to skew positively, while ethanol caused OA-ICOS result to skew negatively, relative to 

the control water isotopic composition; and (4) the Spectra Fit Residuals plot is a useful tool for 

the detection of organic contamination during vapour-mode analysis. These findings will have 

direct implications for studies utilizing stable isotope data generated from plant extracted water.  
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Chapter 1: Introduction 

 

1.0 Introduction 

The stable isotope ratios of hydrogen and oxygen (2H/1H (δ2H) and 18O/16O (δ18O)) are widely 

applied to a variety of ecohydrological, biogeochemical and climatological studies, typically as 

conservative tracers. [1-4]. The stable isotope approach to tracing plant water sources has been 

widely used since the pioneering work of Dawson and Ehleringer [5]. In such studies, 

precipitation, stream water, mobile soil water, bulk soil water, and plant water are collected and 

analyzed for their stable isotope composition. Conclusions about plant water sourcing are then 

drawn from the connections between plant and soil water isotopic compositions. A variety of 

methods exist that are used to access plant and soil pore water for stable isotope analysis [3, 4, 6]. 

However, the need for a better understanding of the inter-comparability of these methods has 

been noted [4, 7]. In response to this call, recent work has questioned the validity of using these 

methods for soil water extraction, and subsequent isotope analysis, interchangeably [3, 8]. 

Orlowski et al. [3] found that returned pore water’s isotopic composition is significantly affected 

by the method of extraction applied. 

 

A formal inter-method comparison of the systems used to extract plant analytes for isotopic 

analysis of δ2H and δ18O values has not yet been carried out. The findings of Orlowski et al. [3] 

imply that this is needed. The term ‘analyte’ is used here to define the liquid that is extracted 

from plants for stable isotope analysis of oxygen and hydrogen isotopes, because the term 

‘water’ is not a truly representative description of this liquid, which contains other substances 

besides H2O. The analyte extracted from plants is composed of plant bound water as well as 

soluble organic compounds, which have their own unique isotopic compositions. Accurate 

analyses of plant analyte stable isotope compositions are of particular importance in making 

accurate conclusions about the ecohydrological dynamics of plant water use. Recent work 

utilizing the stable isotope ratios of hydrogen and oxygen has shown evidence of water uptake 

dynamics in trees described as the ‘two water worlds’ hypothesis (TWWH) [7, 9, 10]. This 

phenomenon, also known as ecohydrological separation, is defined as “vegetation and streams 

returning different pools of water to the hydrosphere” [7]. The TWWH has important implications 
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for the management of water resources in forestry and agriculture. For example, if crops are 

preferentially utilizing the more tightly bound, immobile soil water pool; as in the TWWH, then 

there is a possibility that the irrigation excess, the mobile soil water pool, is being wasted. Little 

work has yet been done to explore the presence or absence of ecohydrological separation in 

crops such a spring wheat (Triticum aestivum L.). For future research that seeks to understand 

water uptake dynamics in economically valuable cereal crops like wheat, it is critical that our 

investigative tool kits be thoroughly vetted. Accurate interpretation of plant water sources, as 

well as the isotopic composition of the water they return to the hydrosphere through transpiration 

are important components of being able to understand and manage the global hydrological cycle 

and plan for future outcomes based on optimized models.   

 

My thesis falls within a multidisciplinary context and a variety of research themes are 

interconnected within the problems addressed.  In this introduction, I will detail the use of stable 

isotopes as tracers in environmental studies. Next, I review the various systems used to extract 

analytes from plants for stable isotope analysis. Further, I detail the results from previous 

extraction method comparisons, and the problems related to plant analyte extraction and stable 

isotope analysis. A discussion of the recently discovered phenomenon of ecohydrological 

separation will follow. Finally, I will address the research gap related to these interdisciplinary 

topics and show how my thesis work seeks to fill these gaps. 

 

1.1 The Use of Stable Isotopes Found in Water as Conservative Tracers 

The stable isotopes of hydrogen and oxygen (within the water molecule) are now widely applied 

to a variety of ecohydrological, biogeochemical and climatological studies [1-4]. Stable isotope 

approaches have been used to determine water sources and water resource competition of plants 
[11-13], quantifying plant responses to precipitation changes [14], and partitioning 

evapotranspiration fluxes [15-17]. Studies have also used stable isotopes found in water to derive 

zones of root activity in soils and root water uptake patterns [13, 18-21]. In agriculturally-focused 

research, stable isotopes have been used to determine the water use efficiency of various crops 
[22, 23]. The use of the stable isotopes of hydrogen and oxygen has become a common approach in 
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investigations examining root water uptake patterns and water use efficiency of agricultural 

crops [16, 21, 24].  

 

One such crop, spring wheat; whose estimated global trade value is greater than all other cereal 

crops combined, is widely irrigated [25]. Understanding water uptake patterns in this crop is 

therefore an important aspect of water resource management. With the rise of global climate 

change and increasing population, it is difficult to assess the availability of fresh water for future 

irrigation use [26]. By some estimates, a rise in global temperature of 2 °C will result in an 

increase of 40% for the number of people living under absolute water scarcity, defined as < 500 

m3 per capita per year [27]. Shifting climates may result in increased fresh water resources in 

some regions, while limiting it in others [28].  As food security is tightly linked to water 

availability [27, 29] it will be critical to understand crop water use patterns so that producers can be 

informed of best irrigation practices. The stable isotopes of hydrogen and oxygen have thus far 

proven to be a powerful tool for understanding root water uptake patterns. 

 

The distribution of a plant’s root systems throughout the soil profile constrains a plant’s ability to 

access soil bound water. However, the primary sourcing of water in the soil profile cannot be 

determined by root size, amount, and distribution alone [21, 30, 31]. The range of accessible soil 

water for plants and crops like wheat, is determined by its final rooting depth. A common 

method, within the stable isotope approach, to determining a plant’s water source is the direct 

inference method, wherein the plant water isotopic signature (δ2H and δ18O values) is matched to 

that of the soil water isotope signal [21, 32]. However, in some cases, multiple signals may be 

present in the soil that match the plant water signal. In such cases, Zhao et al. [21] suggest 

utilizing linear mixing models for two point matches and models like the IsoSource model for 

more than three point matches. Models like IsoSource examine all possible combinations of each 

source contribution (0-100%) in small increments such as 1%. Feasible solutions are determined 

by combinations that sum to the detected mixture’s isotopic signatures within a defined tolerance 

range (e.g. 0.1%). From these solutions the range and frequency of source contributions can be 

determined [33]. Zhao et al. [21] recommend the use of stable isotope analysis in concert with an 
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excavation method to determine rooting depth and biomass in the soil profile, as the ideal means 

to determine plant water source locations.   

 

Stable isotopes found in water (hydrogen and oxygen) have also been used to study the water use 

efficiency of crops [34-39]. Within these works, improvements in water use efficiency are 

attributed to timing of water uptake by the crop (ex: during vegetative growth stage), as opposed 

to depth of use [34, 35]; that mild soil water depletion during seedling phase and severe soil water 

depletion during maturity phase can improve yields in limited irrigation settings [36]; that rain fed 

crops tend to have a low water use efficiency, and that this efficiency a can be improved with 

irrigation inputs [37, 38]. These findings all point to the need for accurate and precise timing of 

irrigation depending on a crops specific need. Furthermore, they note that conserving water 

through prevention of both evaporation and deep percolation can improve water use efficiency 
[37, 39]. Some studies using stable isotopes to investigate irrigation water use efficiency are 

indicating that producers may be over-irrigating their crops [16, 22, 24]. The practice of deficit 

irrigation is common in regions that have low availability of irrigation water and in some cases it 

has been found that deficit irrigation during certain growth phases will result in physiological 

responses such as increased photosynthesis and carbon mobilization which significantly increase 

the yield and water use efficiency of wheat [40]. Interestingly, research has shown that maize will 

utilize shallow soil water during early growth stages, extend its water sourcing deeper through its 

vegetative growth, and then return to shallow water use at the end of its growth cycle [24]. Further 

to this point, Zhao et al. [21] found that maize utilizes the immobile soil water pool during its 

seedling phase, but as the roots grow to greater depth, it switches its water sourcing to the mobile 

soil water pool. More work is needed to determine if wheat and other cash crops exhibit similar 

behavior. 

 

1.2 Plant Analyte Extraction Methods 

To access water stored in plants for stable isotope analysis, extraction methods are required. 

However, this extraction step is the bottleneck that limits our ability to process large numbers of 

samples on effective spatiotemporal scales [1]. A variety of field and laboratory-based methods 

exist for extracting plant analytes for stable isotope analysis. There are also direct equilibration 
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methods, which bypass the need for extraction, and show promise in allowing for higher spatial 

and temporal resolutions in regards to sample processing time [3, 4]. Laboratory based plant 

analyte extraction-analysis methods include: cryogenic vacuum distillation (CVD) [1, 41-43]; non-

cryogenic batch method [44]; microwave extraction in-line analysis method [45]; azeotropic 

distillation [46]; centrifugation [2]; high pressure mechanical squeezing [47-49]; direct vapour 

equilibration (DVE) [50-52].  Field extraction-analysis methods include: direct vapour 

equilibration; in-situ monitoring [53, 54] and the Picarro Induction Module [55]. The term 

‘extraction-analysis’ approach is used to encompass all affirmations systems as some systems 

directly analyze an extracted analyte, whereas others only extract an analyte, which must then be 

sent for further isotopic analysis. 

 

1.3 Extraction Method Comparisons 

While a variety of extraction-analysis approaches are available, little work has been done to 

compare the isotopic effects of these methods on the recovered analytes. The most commonly 

used plant analyte and soil water extraction method is the CVD method [3, 4]  Recently, Orlowski 

et al. [3] carried out the first formal inter-comparison of the major lab-based soil water extraction-

analysis techniques. This study involved the extraction of spiked soil water from two unique soil 

types at three unique water contents per soil type. They found that the tested extraction-analysis 

methods returned result which were significantly different than the original spike water. The two 

methods which produced results closest to the spiked water signal were centrifugation and high-

pressure mechanical squeezing, both of which are mechanical extraction methods (no phase 

change of water in extraction step).  

 

Previously, studies have carried out a comparison of one extraction-analysis method to another; 

or carried out a comparison of a handful of methods [2, 44, 45, 52, 53, 56]. Typically, a newly 

developed extraction method would be compared to the ‘gold standard’ of CVD as a means of 

validating the new method. However, recent studies call into question the use of CVD as the 

‘gold standard’, especially when extracting water from soils with low water contents or high clay 

content [3, 4, 8, 57]. The CVD system has been called into question because the method produces 
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results that are significantly different from all other methods, and from the spiked reference 

water for both δ2H and δ18O values [3].  

 

Sprenger et al. [4] explain that the choice of soil water extraction method should be determined 

based on the compartment of the vadose zone the researcher wishes to access. Their work shows 

that each method of extraction can access different pools of soil water. Specifically, as one 

moves down this list of methods: lysimeters, zero tension lysimeters, wick samplers, suction 

lysimeters, mechanical squeezing, centrifugation, direct water vapour equilibration, distillation, 

cryogenic vacuum distillation; one is accessing more tightly bound water from finer pore sizes. 

Lysimeters, zero tension lysimeters, wick samplers and suction lysimeters, access the more 

mobile pools of soil water, leaving behind the more tightly bound water. High pressure 

mechanical squeezing and centrifugation access the more mobile pool, while also accessing 

some portion of the tightly bound pore water. Whereas, distillation and CVD are extracting 

99.9% of the water from the soil (bulk soil water). The amount of tightly bound pore water 

accessed is dependent on the extraction conditions used in each system. A methodological 

comparison of plant water extraction techniques for stable isotope analysis was carried out by 

Yang et al. [6]. Within this review they detailed six methods of plant water extraction with 

emphasis on the fact that investigations into plant analyte stable isotopes are typically instigated 

to answer questions about plant water sourcing. Regarding extraction efficiencies, CVD and 

azeotropic distillation achieve up to 100% extraction efficiency, whereas, centrifugation and 

mechanical squeezing achieve extraction efficiencies in the range of 30-80%. Extraction 

efficiency with these two mechanical methods appears to be dependent on the water content of 

the sample, with lower water content samples resulting in lower extraction efficiencies [3].  For 

distillation type methods, incomplete extraction of water can result in Rayleigh type fractionation 

of the original water isotopic composition. For a detailed methodological review of the systems 

of soil water extraction-analysis the reader is directed to Sprenger et al. [4]. For a review of plant 

analyte extraction-analysis systems the reader is referred to Yang et al. [6] 
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1.4 Plant Analyte Extraction and Stable Isotope Analysis Approach Problems 

While there are advantages to using stable isotopes to determine plant water sourcing such as: 

small sample sizes, elimination of the need for radioactive tracers, estimates of water sourcing by 

depth, and the ability to study plant water uptake in natural settings [6]; there are also critical 

issues involved in their use. This approach often requires destructive sampling of the plant 

species in question and since the extraction process and subsequent isotope analysis is the current 

bottle neck, the spatio-temporal resolution of a study is controlled by the number of samples that 

can be processed in a given day via the chosen extraction-analysis method. These limitations 

make it impractical or impossible to collect samples over spatiotemporal scales that would allow 

for continuous monitoring of plant water use. Improvements to the portability of laser 

spectrometers [58] as well as improvements to direct equilibration methods [50, 51] and the 

development of in situ monitoring methods [53-55] are working to address this issue. Further 

research is required to better understand how the parameters used in the various extraction-

analysis approaches affects the returned stable isotope results [3, 4, 7, 8]. Currently, there is no 

globally accepted protocol for extraction parameters (extraction temperature, pressure, duration 

etc.) used in each system, and the parameters used are not often reported in publications [8]. As 

such, Orlowski et al. [8] called for the inclusion of this information in all publications utilizing 

stable isotopes in their investigations; as their work showed that extraction parameters will have 

effects on the returned isotopic signals.  

 

Another critical issue is that of co-extracted organic compounds, such as phenolic compounds 

and other xylem sap constituents [3, 59-61]. Typically, extracted plant analytes are analyzed via 

isotope ratio mass spectroscopy (IRMS) to reduce the errors associated with co-extracted organic 

compounds. However, the rise of low cost, rapid analysis by refractive laser based spectroscopy, 

known as isotope ratio infrared spectroscopy (IRIS), has led a number of groups to attempt to 

utilize this new analysis method on plant analytes [59]. Unfortunately, the frequencies at which 

the isotopes of water absorb light are similar to those of the problematic co-extracted compounds 

and thus results in errors in the measurement of δ2H and δ18O values on refractive laser 

spectrometers [3, 4, 59, 62]. This problem also extends to the microwave extraction system [45] and 

the DVE system as they utilize continuous-flow laser spectroscopy. Thus, any co-extracted 
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organics present in the headspace of analyzed samples will potentially result in spectral 

contamination during their real-time analysis. It is also important to note that while the band of 

the electromagnetic spectrum where water absorbance is measured is relatively large, the two 

major manufacturers of IRIS systems Picarro (Picarro, Santa Clara, CA, USA) and Los Gatos 

Research (LGR Inc., San Jose, CA, USA) utilize only small portions of that band for their 

isotopic measurements. The details regarding the portion of the electromagnetic spectrum water 

absorbance band being used by each company, and the mathematical fitting models used to 

derive the isotopic composition of the measured water are proprietary information and thus 

difficult to investigate by researchers. Some groups have attempted to use pre-processing 

filtration and post-processing corrections to address this issue [60, 61, 63], but have met with varying 

amounts of success. More work is still needed to address this problem.  

 

Research has also shown that spiked soil water trials, used to investigate methodological effects 

on returned soil water isotope signals, may be problematic [4, 57, 64]. These spike trials tend to 

return results which deviate from the original spiked signal, and this issue becomes more 

pronounced with increasing clay content and decreasing water content [3, 4, 8]. Clay interlayer 

absorption of water (crystalline water) and drying temperatures used in spike trial preparation 

may be responsible for these issues [4, 57, 64].  Finally, it has been noted that there is, as of yet, no 

method for defining a ‘reference’ signal for plant water in studies comparing plant water 

extraction method accuracy, so our ability to apply Z-score [65] style accuracy analysis is limited 

in plant water extraction-analysis method inter-comparison studies [2, 52].  

 

1.5 Ecohydrological Separation in Plant Water Use 

The finding that precipitation, ground, and stream water isotopic signals differed from bulk soil 

water and vegetation isotopic signals by Brooks et al. [9] led to the development of the ‘two water 

worlds’ hypothesis, also known as ecohydrological separation. Ecohydrological separation, was 

first discovered by comparing the results of extracted soil pore water collected by suction 

lysimeters (mobile soil water fraction) and CVD (bulk soil water fraction) with collected plant 

analyte samples (also extracted via CVD). It was found that when the results were plotted in dual 

isotope space [δ18O vs δ2H], that the mobile soil water, extracted by suction lysimeters, plotted 
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along the local meteoric water line (LMWL), while the bulk soil water, extracted cryogenically, 

plotted along an evaporative line, below the LMWL. Plant analyte data from the same location 

also plotted along the evaporative soil line, implying that plants were preferentially using the 

more tightly bound soil water. Initially the phenomenon of ecohydrological separation was found 

to be present in Mediterranean climates where the precipitation input phase (rainy season) was 

uncoordinated with the main plant transpiration phase [7, 9, 66].   

 

Further work studied this phenomenon in regions where rainfall was less seasonally variable and 

where precipitation inputs are coordinated with primary productivity [67, 68]. Geris et al. [68] did 

not find clear evidence of ecohydrological separation in wet, low energy environments (Northern 

Scotland); but admits that more work is needed to confirm this. Evaristo et al. [67] found evidence 

of ecohydrological separation in the in-phase environment they studied (Puerto Rico), but 

suggested that this may be a result of the mechanisms which result in isotopic enrichment of soil 

water as opposed to the synchronicity of precipitation inputs and primary productivity. Further 

work in the form of a meta-analysis of 47 sites across the world showed that ecohydrological 

separation is common in many ecosystems [69]. In addition, remote sensing work attempting to 

establish a baseline for global deuterium (HDO) budgets found that the hydrological disconnect 

between mobile and immobile water pools was both widespread and considerable at global 

scales [70, 71]. The mechanism(s) responsible for ecohydrological separation are still being 

investigated. Originally, Brooks et al. [9] suggested the following mechanism: during wet up, the 

small pore spaces are filled with water that becomes isotopically depleted with depth. Then, 

during the rainy months, water moves preferentially through the macro pore space within the 

soil, recharging ground water and connecting to stream channels, with little interaction between 

the water moving through the preferential flow paths and that of the tightly bound water filled 

during wet up. Finally, during the dry months, as the macro pores drain, the trees preferentially 

access the more tightly bound, isotopically depleted, micro pore spaces. Sprenger et al. [72] 

suggests an alternative mechanism, wherein, mixing of enriched soil water with that of 

unfractionated precipitation results in a diminishing evaporative fractionation signal with 

increasing depth until the percolating water’s isotopic signal merges with the LMWL. Review 

work by Berry et al. [73] proposes multiple alternative hypothesis to explain TWWH style 
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behavior, the reader is referred there for further detail. More research is needed to understand the 

mechanisms responsible for development the TWWH style soil water isotopic composition. 

Furthermore, better understanding of the effects that methods of extraction-analysis are having 

on returned stable isotopes results may help us better understand this phenomenon  

 

1.6 Research Gap 

While a variety of extraction-analysis approaches exist to access plant water for stable isotope 

analysis, the comparability and accuracy of those methods are still in need of further definition. 

McDonnell [7], Sprenger et al. [4] and Orlowski et al. [8] have all called for a comprehensive inter-

comparison of the systems used in extracting plant analytes and soil pore water. As such, 

Orlowski et al. [3] showed, through an inter-method comparison of five soil pore water extraction 

techniques, that soil water extraction systems should not be considered interchangeable. An 

inter-method comparison checking the comparability and accuracy of the systems used to extract 

bulk plant analytes is still needed. It has been noted that there is no method for obtaining a 

‘reference’ signal for plant water in studies examining plant analyte extraction method accuracy 
[2, 52]. However, work by Phillips and Gregg [33] and Zhao et al. [21] has made progress in the 

direction of determining a source water reference value for plant water sourcing through the 

multi-source model IsoSource. 

 

The recently discovered phenomenon of ecohydrological separation has been shown to be 

present across a wide variety of ecosystems [69]. The mechanisms that controls this behavior are 

still being debated, with one mechanism detailed by the researchers that discovered the 

phenomenon [9], another recently suggested by Sprenger et al. [72] and multiple alternatives 

proposed by Berry et al. [73]. Research by Orlowski et al. [3] and Gaj et al. [64] have shown that 

artifacts from the systems used to extract water from soil have the capacity to create the observed 

phenomenon of ecohydrological separation by modifying returned isotopic results.  

 Furthermore, the discovery by Zhao et al. [74] and Vargas et al. [75] that significant amounts of 

deuterium fractionation between plant tissue and source water may be occurring during uptake or 

within the plant itself has implications for the use of mixing models in determining plant source 

water, and the assumptions underlaying stable isotope approach in general. New work has shed 
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light on plant water use and sharing strategies [76, 77] which could be causing modifications to 

stable isotope composition during water uptake and within the plant [74, 75, 78]. Additionally, 

hydraulic redistribution of water in the soil both vertically and laterally [73, 79-85], and the use of 

atmospheric water during foliar uptake (Dawson 1998; Limm et al. 2009; Eller et al. 2013; Berry 

et al. 2014; Earles et al. 2016) are shedding light on alterntaive plant water sources, whose 

isotopic signals are sub-components of the bulk plant water collected during extraction. In light 

of these new findings, the assumptions underlaying the stable isotope approach set down in 1995 

by Brunel et al. [86] are in urgent need of re-assessment. Finally, there is currently no specified 

standard operating procedure for the stable isotope approach nor for the various methods of plant 

and soil water extraction. This should be addressed in order to bring a standard approach to the 

fields utilizing these techniques. 

 

1.7 Objectives and Hypotheses 

The purpose of this thesis is twofold: First to inter-compare the available extraction-analysis 

systems used to extract plant analyte for stable isotope analysis and determine if they produce 

accurate, interchangeable results. Second, to quantify the effects of two commonly cited organic 

contaminants (methanol and ethanol) on the IRIS analysis system: off-axis integrated cavity 

output spectroscopy (OA-ICOS), and to test an approach for their detection during vapour mode 

analysis. The results of this work will have important implications for fields that utilize plant 

water stable isotope δ2H and δ18O data. 

 

Through a series of controlled experiments using both lab and field-based data collection 

methods, and through review of current literature, the following objectives will be met: 

1. Inter-compare the methods of plant water extraction for stable isotope analysis of δ2H and 

δ18O values to determine if these extraction-analysis systems return accurate, interchangeable 

results. 

2. a. Examine how the presence of co-extracted organic contaminants like methanol and ethanol 

in plant analyte samples affects stable isotope results returned by the Los Gatos Research OA-

ICOS. 
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    b. Assess the effectiveness of the Absorption plot and the Spectra Fit Residuals plot at 

detecting organic contamination during vapour-mode analysis via OA-ICOS.    

 

The main objective in Chapter 2 is to inter-compare six lab-based plant water extraction-analysis 

systems. While CVD is the most commonly utilized extraction system [3, 4], I tested the following 

extraction-analysis methods: direct vapour equilibration (DVE) [50, 87] , high pressure mechanical 

squeezing (HPMS) [48]; centrifugation [2]; cryogenic vacuum distillation in two forms based on: 

a) Orlowski et al. [43] (hereafter CVD-1) and b) Koeniger et al. [41] (hereafter CVD-2); 

microwave extraction off-axis integrated cavity output spectroscopy (ME-OA-ICOS) analysis 

method, based on Munksgaard et al. [45]. I use the term extraction-analysis system to indicate that 

certain methods utilize in-line analysis via direct connection to an isotope analyzer as opposed to 

extracting liquid water or analyte for later analysis. I pose the null hypothesis that all systems of 

extraction-analysis will return water that when analyzed for its isotopic composition will provide 

statistically similar results. To carry out this test, spring wheat was grown under controlled 

conditions with water inputs of known isotopic composition. Spring wheat was chosen for the 

ease of growing it under controlled conditions, for its rapidity of growth, and for its economic 

value as a globally important cash crop. The spring wheat was split into four plant parts: the 

head, leaf, stem, and root crown components, replicated, and run through the extraction-analysis 

methods. When possible, and where liquid analyte was collected, it was analyzed via IRMS and 

IRIS approaches to quantify any analytical differences. The specific questions addressed in this 

work are: How do the returned stable isotope results compare between the different methods of 

extraction? Do the co-extracted volatile organic compounds (methanol and ethanol) appear to 

affect the returned isotopic results? Which extraction method has the best sample purity, 

repeatability, and throughput? This study was carried out over the summer of 2016, was 

submitted for peer review in December 2017, and was accepted for publication in March 2018 

[citation: Millar C, Pratt D, Schneider D J, McDonnell J J. A comparison of extraction systems 

for plant water stable isotope analysis. Rapid Commun Mass Sp; 32(13):1031-1044 2018].  

 

The focus of Chapter 3 was to further investigate potential method differences between the DVE 

approach and the CVD-2 approach. The findings of Chapter 2 implied that there were not 
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significant differences between the stable isotope results returned by these two systems. 

However, relatively large volumes of co-extracted methanol and ethanol were present in the 

analyte produced by the CVD-2 system in Chapter 2. Due to the small sample sizes used for 

comparison between the tested methods in Chapter 2, our statistical power was relatively weak. 

We sought to improve our understanding of potential differences in isotopic results returned by 

the DVE and CVD-2 systems by carrying out a follow up study. Spring wheat was again grown 

under controlled conditions and was sampled over an 8-week period, collecting samples for 

extraction and analysis on both the DVE and CVD-2 systems. The null hypothesis was that both 

systems would produce plant analyte that when analyzed would have isotopically similar results. 

This study was carried out in the summer of 2017. A manuscript is in preparation for publication.   

 

The focus in Chapter 4 is on the effects of methanol (MeOH) and ethanol (EtOH) contamination 

in water samples when analyzed via the IRIS method: off axis integrated cavity output 

spectroscopy (OA-ICOS). This was carried out in response to the findings of Chapter 2, that 

indeed the presence of organic contaminants in plant extracted analytes appeared to impact 

isotopic results returned by the OA-ICOS system. Analytes extracted from plants for stable 

isotope analysis commonly contain co-extracted organic contaminants in addition to the 

extracted water. These organic contaminants are known to cause substantial errors in returned 

isotopic results when that water is analyzed via IRIS methods [60, 62, 63, 88]. Therefore, plant 

extracted analytes are typically analyzed by IRMS methods wherein the size of the 

contamination effect is always directly related to the concentration of the contaminant in the 

sample and its isotopic ratio, and errors are therefore correctable [62]. However, with the rise of 

low cost IRIS analysis approaches, as well as the development of the DVE method [50, 87] that 

utilizes real-time in-line analysis via OA-ICOS, and in-situ analysis approaches [53], quantifying 

the effects of MeOH and EtOH contamination on the OA-ICOS system in liquid and vapour 

analysis modes are of interest. Previous work notes issues with quantifying the effects of MeOH 

and EtOH contamination when analyzed via the Picarro (Picarro, Santa Clara, CA, USA) cavity 

ring down spectroscopy (CRDS) method [62]. Research has also shown that CRDS and OA-ICOS 

approaches produced stable isotope results that skewed in opposite (positive vs negative) 

directions in the presence of organic contamination [88]. Spectral contamination identification 
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software has been developed by Los Gatos Research (Los Gatos Research Inc., San Jose, CA, 

USA), the producer of the OA-ICOS analysis system and its effectiveness was assessed by [63]. 

However, no such detection software exists for use during vapour-mode analysis via OA-ICOS. 

As such, we were interested in the use of the ‘Absorption plot’ and ‘Spectra Fit Residuals plot’, 

sub components of the OA-ICOS system, as tools for flagging contaminated samples during 

vapour-mode analysis on LGR’s OA-ICOS systems. MeOH-water and EtOH-water mixtures 

were created and subsequently analyzed in liquid and vapour mode on the OA-ICOS system. 

These isotopic results were then compared to liquid water analyses results produced via IRMS, 

utilizing replicates of the same contaminant-water samples. The experiment was carried out in 

the fall of 2017 and the manuscript was prepared in January-February 2018. This manuscript is 

in production for publication. 
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2.1 Abstract 

RATIONALE:  The stable isotopes of water (δ2H and δ18O values) have been widely used to trace 

water in plants in a variety of physiological, ecohydrological, biogeochemical and hydrological 

studies. In such work, the analyte must first be extracted from samples, prior to isotopic analysis. 

While cryogenic vacuum distillation is currently the most widely used method in the literature, a 

variety of extraction-collection-analysis methods exist. A formal inter-method comparison on 

plant tissues has yet to be carried out. 

 

METHODS: We perform an inter-method comparison of six plant water extraction techniques: 

direct vapour equilibration, microwave extraction, two unique versions of cryogenic vacuum 

distillation, centrifugation, and high-pressure mechanical squeezing. These methods were applied 

to four isotopically unique plant portions (head, stem, leaf, and root crown) of spring wheat 

(Triticum aestivum L.). Extracted plant water was analyzed via spectrometric (OA-ICOS) and 

mass based (IRMS) analysis systems when possible. Spring wheat was grown under controlled 

conditions with irrigation inputs of a known isotopic composition. 

 

RESULTS: Results indicate that the methods of extraction return markedly different isotopic 

signatures. Centrifugation, microwave extraction, direct vapour equilibration, and high-pressure 
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mechanical squeezing returned results more enriched in 2H and 18O. Both cryogenic vacuum 

distillation systems, and the high-pressure mechanical squeezing method returned results more 

depleted in 2H and 18O, depending upon the plant portion extracted. The various methods also 

produced differing concentrations of co-extracted organic compounds related to the mode of 

extraction. Overall, the direct vapour equilibration method outperformed all other methods. 

 

CONCLUSIONS: Despite its popularity, cryogenic vacuum distillation was outperformed by 

the direct vapour equilibration method in terms of limited co-extraction of volatile organic 

compounds, rapid sample throughput, and near instantaneous returned stable isotope results. 

More research is now needed with other plant species, especially woody plants, to see how far 

the findings from this study could be extended. 

 

2.2 Introduction 

The stable isotopes of water (2H/1H and 18O/16O ratios) have been widely used to trace water in a 

variety of ecohydrological, biogeochemical and climatological studies [1-4]. While many of these 

applications sample liquid water from streams and lakes, and relate it to precipitation, increasing 

numbers of studies trace plant water sources. In such work, analytes must first be extracted from 

the plant tissue. Cryogenic vacuum distillation (CVD), is considered the standard method used to 

selectively extract water from plant tissues for stable isotope analysis [3, 5]. But since CVD’s first 

use and subsequent wide spread adoption, a variety of other methods have been developed to 

access plant and soil-pore water for stable isotope analysis [3, 4, 6]. Recently, there have been calls 

for intercomparison of these techniques [4, 7]. Work with soil water extraction methods has shown 

significant differences in returned stable isotope values of extracted water, based on the 

extraction method used [3, 8]. But to date, no formal inter-method comparison of the systems used 

to extract water samples from plants for isotopic analysis of 2H/1H (δ2H) and 18O/16O (δ18O) 

ratios has yet been carried out.  

 

Here we compare six available extraction systems used to selectively extract water from plant 

tissues for stable isotope measurement of δ2H and δ18O ratios. Our null hypothesis is that all 

extraction methods will return the same water isotopic composition. Our work thus focuses on 
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extraction system accuracy, repeatability, and sample purity. The plant used in our study is 

spring wheat (Triticum aestivum L.). We compare the following extraction methods: direct 

vapour equilibration (DVE) [9, 10] , high pressure mechanical squeezing (HPMS) [11]; 

centrifugation [2]; cryogenic vacuum distillation in two forms based on: a) Orlowski et al. [12] 

(hereafter CVD-1) and b) Koeniger et al. [13] (hereafter CVD-2); microwave extraction off-axis 

integrated cavity output spectroscopy (ME-OA-ICOS) analysis method, based on Munksgaard et 

al. [14]. 

 

Our specific questions were:  

 

i. How do the returned stable isotope results compare between the different systems of 

extraction? 

ii. Do the co-extracted volatile organic compounds methanol and ethanol affect the 

returned isotopic results?  

iii. Which extraction method has the best sample purity, repeatability, and throughput?  

 

2.3 Materials and Methods 

Spring wheat (CDC-Utmost cultivar) was grown in a 0.6 m3 container with a 0.50 m potential 

rooting depth, outdoors in a small greenhouse in Saskatoon, Saskatchewan, Canada. The soil 

used for the trial (medium-fine sandy topsoil) was thoroughly mixed and characterized (Table 

S1) prior to being placed in the trial container. To determine the initial soil water isotopic 

conditions, a total of six soil samples were collected prior to seeding. Wheat was planted in four 

rows lengthwise down the container with 10 cm spacing between rows and 2.5 cm seed spacing 

in the row. The wheat was irrigated every two to three days over the course of its growth, with a 

minimum of 10 L of water used per irrigation period. Irrigation water samples were collected at 

each irrigation period and measured for δ2H and δ18O values (Table S2). Wheat samples were 

collected at 56 days post seeding near the end of the flowering stage, prior to hardening. Each 

collected whole plant, was split into four portions: head, stems, leaves and root crown. Our 

previous pilot testing with spring wheat and the CVD-1 system had shown that the various plant 

portions returned markedly different stable isotope results from one another. Each portion was 
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weighed prior to sealing them into their appropriate extraction method container. Volumes of 

plant matter appropriate to each method of extraction were collected.  Five replicates per plant 

portion, per method of extraction were collected for a total of thirty samples per extraction 

method. During plant sampling, soil samples were collected in two locations bounding either 

side of the collected wheat samples. Soil samples were collected with five replicates per 10 cm 

depth to the bottom of the container for a total of 50 soil samples. Soil pore water was extracted 

using HPMS as per Orlowski et al. [3].   

 

Plant samples were stored in glass vials for CVD, ME-OA-ICOS and centrifugation. For HPMS, 

samples were stored in 250 ml Nalgene™ HDPE bottles. Care was taken to minimize headspace 

in the sealed containers to limit mixing with atmospheric water vapour internal to the container 

over the storage period. The glass vials and Nalgene™ bottles were tightly sealed by lids, 

wrapped with Parafilm®, and stored in a cooler at 4 °C to minimize potential evaporation during 

storage, prior to extraction. The DVE samples were stored in Ziploc® double zipper freezer bags 

and analyzed within 48 hours of sampling. Extraction/equilibration protocols and method 

specific preparations are described in detail below.  To determine extraction efficiency, prior to 

and after extraction, initial plant and soil sample weights were compared to weights taken after 

extraction and again after a 24-hour drying period at 105 °C. All extracted liquid samples were 

filtered with 0.45-μm disk filters and transferred to 2-mL glass vials, capped, and sealed with 

Parafilm® prior to isotopic analysis. 

 

2.3.1 Plant Water Extraction Techniques and Extraction Parameters. 

Direct Vapour Equilibration. Plant samples were macerated prior to being placed inside of 945-

mL Ziploc® double zipper freezer bags. Plant material quantities used per replicate were: 8.0 g 

of head material, 7.0 g of leaf material, 14.0 g of stem material, 5.0 g of root material. We 

followed protocols developed by Wassenaar et al. [10]. Bags were inflated with dry air 

immediately after sampling and allowed to equilibrate for 24 hours at room temperature (~22 °C) 

prior to analysis. Isotopic analysis of the bag headspace was made on a Los Gatos Research 

IWA-45EP OA-ICOS analyzer (Los Gatos Research Inc., San Jose, CA, USA) in vapour mode, 

which allows for continuous flow headspace sampling. In vapour mode this instrument measured 
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H2O concentration and the H2O isotopologues at 5 s integration intervals. The headspace sampling 

apparatus was a 21 G stainless steel needle connected to a 1 m long by 0.95 mm impermeable 

plastic line that was attached to the input port of the LGR IWA-45EP analyzer. Prior to, and in 

between sampling of headspace, the needle was connected to a Drierite laboratory gas drying 

unit (W.A. Hammond Drierite Co. Ltd, Xenia, OH, USA) until the internal water content of the 

IWA-45EP analyzer was below 2000 ppmV H2O. The headspace of plant and water standard 

bags were sampled by piercing the sample bag with the needle. Sampling took on average two 

minutes. Water standard bags were re-sealed with tape in between analyses. δ2H and δ18O values 

were noted when the measured headspace water content stabilized at ~28,000 ppmV H2O for at 

least one minute. Two lab water standards of known isotopic composition were used to correct 

for drift. Standard one had isotopic composition -137.5‰ (δ2H) and -17.45‰ (δ18O). Standard 

two had isotopic composition 2.5‰ (δ2H) and -0.1‰ (δ18O). 20 mL of the water standard was 

placed into a 945-mL Ziploc® bag, filled with dry air and allowed to equilibrate for 1 hour prior 

to analysis. Water standards were alternated and analyzed every four samples.  A third, known, 

control water sample was analyzed every eight samples as a means of checking our drift 

corrections. The control water isotopic composition was, -201‰ (δ2H) and -26.17‰ (δ18O). 

 

Cryogenic Vacuum Distillation.  The CVD-1 system comprised six separate extraction units, 

each with four extraction-collection lines. This allowed for the extraction of up to 24 samples at 

a time. Our modification to the original CVD-1 [12] system included the addition of 1 extra 

extraction-collection line per extraction unit, and the removal of the nitrogen purging system. 

System protocols for sample extraction included heating the sample material to 100 °C for 210 

minutes under baseline vacuum pressures of 0.1 Pa. The total volatile fraction in the plant 

samples was vapourized and collected in a liquid nitrogen cold trap. Once extractions were 

completed, the collected analyte was defrosted at room temperature, in sealed conditions, and the 

liquid was sampled for subsequent isotopic analysis. To ensure appropriate analytical volumes of 

extracted water, 6.0 g of head material, 6.0 g of leaf material, 11.0 g of stem material, and 5.0 g 

of root material were used per replicate.  
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The CVD-2 system used in this study was based on the design detailed in Koeniger et al. [13]. 

This system was composed of independent extraction-collection units made up of two Labco 

Exetainer® (Labco Ltd, Lampeter, Ceredigion, UK) vials connected by a 2.00 x 0.95 mm 

stainless steel capillary. Samples were heated to 200 °C for 15 min under a baseline vacuum 

pressure of 87.0 Pa. The volatile fraction in the plant sample was vapourized and was collected 

in the second exetainer, set in a liquid nitrogen cold trap.  Samples were defrosted at room 

temperature in sealed conditions and the collected liquid was sampled for isotopic analysis. To 

ensure appropriate analytical volumes of extracted liquid 5.0 g of head material, 5.0 g of leaf 

material, 10.0 g of stem material, and 4.0 g of root material were used per replicate. 

 

Microwave Extraction. For each plant portion extracted (head, leaf, stem, and root) a 5.0 g sub 

sample of each replicate was macerated and distributed evenly on the base of the extraction 

vessel. Our ME-OA-ICOS system was constructed based on Munksgaard et al. [14]. A 

Panasonic™ model NN-ST6615 (Panasonic Corporation, Kadoma, Osaka Prefecture, Japan) 

household microwave and extraction system was connected to a Los Gatos Research IWA-45EP 

OA-ICOS analyzer. The system utilized microwave irradiation at 300 W for 15 minutes 

(equivalent to ~60-80 °C), volatile components were evaporated from the samples in a sealed 

container and passed into a dry air stream. This air stream moved through a cooled condensation 

chamber that controlled the vapour concentration and flow rate into the analyzer.  To calibrate 

and correct for drift, liquid water standards were run for every fourth sample. The same water 

standards as were used in the DVE extractions were used in the ME-OA-ICOS extractions. For 

this step a piece of Whatman® 541 filter paper was placed inside the extraction vessel and 0.3 ml 

of standard water was added to the filter paper as per Munksgaard et al. [14]. The same extraction 

procedure was used on the isotope standards. Isotope ratios for δ18O and δ2H values were 

calculated by applying machine specific corrections to the sample data set based on the protocols 

in Schmidt et al. [15]. 

 

Centrifugation. We followed the centrifugation method of Peters and Yakir [2] . Centrifugation 

vials were a modification of the vials used in Peters and Yakir [2]. Sampled plant material was 

placed in 15 ml centrifugation vials. These vials were frozen with liquid nitrogen to limit 
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evaporation from the plant matter during a subsequent 20 second maceration process [2]. A cap 

with a centrally located 3.0 mm hole, with layered fine stainless-steel mesh and two pieces of 

Whatman® grade 1 filter paper was placed at the base of the 15 ml centrifugation vials. These 

vials were then inverted and placed into a larger 50 ml centrifugation vial, thus allowing liquid to 

move from the sample and collect in the larger centrifugation vial. After the maceration process 

the samples were re-warmed to room temperature under sealed conditions prior to centrifugation. 

All plant samples were spun at 10,000 rpm (16,000 g) for 30 minutes at 4 °C in Beckman-

Coulter Avanti™ JXN-26 centrifuge (Beckman-Coulter Inc., Brea, CA, USA). Previous pilot 

testing had shown that for times less than 30 minutes, extraction efficiencies were low, and for 

times beyond 30 minutes no more liquid could be extracted from the samples. To ensure 

appropriate analytical volumes of extracted liquid, 9.0 g of head material, 7.0 g of leaf material, 

9.0 g of stem material, and 14.0 g of root material were used per replicate. The samples collected 

after initial centrifugation contained high amounts of co-extracted organic compounds as noted 

by a dark discolouration (Figure 1). Particulate matter was removed from the analyte by a second 

centrifugation step in an Eppendorf 5804 centrifuge (Eppendorf, Hamburg, Germany) at 11,000 

rpm (~8000g) for 1 hour. Samples where then filtered with 0.45 μm disk filters into 2 ml glass 

vials prior to isotopic analysis. Samples retained the noted colour after the second centrifugation 

and filtering. 

 

High Pressure Mechanical Squeezing. Our HPMS approach followed Bottcher et al. [11]. The 

squeezers were composed of a stainless-steel chamber, a porous titanium filter disk overlaying 

the exit port, and a stainless-steel piston, which applied compression to the top of the sample. 

Both plant and soil samples that underwent HPMS extraction were placed in the chamber and 

squeezed at a pressure of 10,000 PSI (69.8 MPa), for 24 hours. Liquid expelled by the plants and 

soils, were collected via a syringe attached to the output port, filtered through a 0.45 µm syringe 

filter and stored in 2 ml glass vials prior to isotopic analysis. Care was taken to prevent the 

samples from contacting the atmosphere during the extraction process. To ensure appropriate 

sample volumes, 6.0 g of head material, 5.0 g of leaf material, and 10.0 g of stem material, were 

used per replicate. The root sample replicates did not produce enough liquid with this method of 

extraction and were combined into a single composite sample. 
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2.3.2 Isotope Analyses. 

To rule out any potential analytical differences, when possible, the extracted liquid samples were 

analyzed on both laser based off-axis integrated cavity output spectroscopy (OA-ICOS), and 

isotope-ratio mass spectrometry (IRMS). It has been noted in previous studies that liquid samples 

extracted from plants often contain co-analytes such as methanol, ethanol, phenolics, acids, 

terpenes, sugars, proteins, and glycols[16-18]. These co-analytes can interfere with spectrometric 

measurements but are believed to be in low enough concentrations that they do not impact mass-

based analysis systems. We note that previous work has shown that the two major isotope ratio 

infrared spectroscopy (IRIS) analysis systems: Picarro’s cavity ring down spectroscopy (CRDS)  

(Picarro, Santa Clara, CA, USA) and LGR’s OA-ICOS, return significantly different results 

when exposed to the same amounts of methanol and ethanol contamination [14, 17, 18]. The 

centrifugation and HPMS samples could not be analyzed on OA-ICOS due to the high content of 

co-extracted compounds. The highly viscous nature of the centrifuged and squeezed samples 

prevented proper injection into the sampling chamber of the OA-ICOS analyzer. Extracts from 

soil samples were analyzed only on the OA-ICOS system as they were not flagged for organic 

contamination during OA-ICOS analysis.  

 

For OA-ICOS analyses, a Los Gatos Research IWA-45EP OA-ICOS analyzer was used with an 

accuracy of ±1.0‰ for δ2H and ±0.2‰ for δ18O values. For water vapour measurements, the 

ME-OA-ICOS and DVE samples were analyzed on the IWA-45EP system. In vapour mode, for 

a 30 second reading period, results were accurate to ±1.8 for δ2H and ±0.3 for δ18O values.  The 

isotopic data for soil and plant extracts from the OA-ICOS system were checked for spectral 

contamination using the Spectral Contamination Identifier (LWIA-SCI) post-processing software 

(Los Gatos Research Inc.) All plant samples extracted with the CVD-1 and 2 systems, analyzed 

on the IWA-45EP, were flagged for narrow band and broad band spectral contamination, noting 

the presence of organic contaminants.  

 

For IRMS analyses, an Elementar Isoprime isotope ratio mass spectrometer (Elementar UK Ltd, 

Stockport, UK) was used. The hydrogen isotopic compositions were determined by reduction of 

water to hydrogen by reaction with elemental chromium, following the method of Morrison et al. 
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[19].  System protocols were as follows: 0.8 µL of water was injected into a quartz reactor 

containing elemental chromium at 1030 °C.  The resultant H2 gas was separated on a 1 mmole 

sieve gas chromatography column and introduced into the Elementar Isoprime isotope ratio mass 

spectrometer. For the CVD-1 samples, memory effects were reduced by injecting two replicates 

of each sample and discarding the first measurement. The CVD-2, Centrifuge and HPMS 

samples were injected between two and six times, due to the more viscous nature of the liquid 

and the high content of co-extracted organic content. In this case, we then discarded all but the 

last two injections results. Resultant raw delta values of the measured hydrogen were normalized 

to the VSMOW-SLAP [20] scale by analyses of two calibrated waters, INV1 and ROD3, with δ2H 

values of -218 and -4 ‰, respectively. For oxygen isotopes, we used the CO2-H2O equilibration 

technique of Epstein and Mayeda [21].  A Micromass multi-flow device (Waters Corp., Milford, 

MA, USA) was connected to the Elementar Isoprime isotope ratio mass spectrometer at 25 °C 

for all CO2-H2O equilibrations.  Results are reported relative to the VSMOW-SLAP scale by 

normalizing to INV1 and ROD3, with δ18O = -28.5‰ and -1.0‰, respectively, as above. The 

mass spectrometer used in this study had a precision of ±1.5‰ for δ2H and ±0.3‰ for δ18O values.  

 

The isotope ratios (R) for δ2H (2H/1H) and δ18O (18O/16O) are expressed in per mil (‰) relative to 

Vienna Standard Mean Ocean Water (VSMOW), defined as follows: 

 

δ2H or δ18O = (RSAMPLE / RSTANDARD – 1)                                    (1) 

  

Where RSAMPLE is the 2H/1H and 18O/16O ratios of the sample. RSTANDARD  is the 2H/1H and 18O/16O 

ratios of the VSMOW standard [20, 22].  

 

2.3.3 Quantifying Methanol and Ethanol Content. 

As there is currently no appropriate method, such as the z-scores used by Wassenaar et al. [23], 

for gauging extraction system accuracy when applied to plant water extractions, we discuss 

accuracy in terms of the purity of water extracted by that system. The inability to utilize a z-score 

type method comes from the difficulty in defining a reference water value in studies of this type. 

Since co-extracted organic compounds are known to cause errors in stable isotope results when 
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extracted liquids are analyzed by spectrometric methods (CRDS/OA-ICOS)  [17, 18], any 

extraction system that produces a low purity analyte has the potential to be less accurate than 

those that produce extracted water of a higher purity. Liquid samples from CVD-1, CVD-2, 

HPMS and centrifugation systems were analyzed for methanol and ethanol content, as these were 

the two most often noted co-extracted compounds causing spectral contamination during analysis 

on laser-based (CRDS and OA-ICOS) spectrometers[17, 18]. During analysis of DVE and ME-OA-

ICOS samples, we closely monitored the absorption plots produced by the LGR IWA-45EP OA-

ICOS analyzers. This plot, produced in real time during analysis, will show fluctuations between 

absorption peaks when spectral contaminants are present in the analysis stream. A further tool 

for assessing the presence of spectral contaminants during analysis on LGR systems is the 

‘Spectra Fit Residuals plot’ (SFR), which has higher sensitivity to the presence of contaminants 

than the absorption plots. The SFR plot was not available for use during this study. The 

Saskatchewan Research Council-Environmental Analytics Laboratory analyzed liquid water 

samples, via gas chromatography-flame ionization detector (GC-FID) method for methanol and 

ethanol content. Results are reported in µg/ml. 

 

2.3.4 Statistical Analyses. 

Analysis was carried out with the statistical software R 3.3.2.[24] To quantify consistency and 

repeatability, mean and standard deviation (sd) were calculated for the replicates of the various 

plant portions across all methods of extraction, and for both systems of analysis. Standard dual 

isotope plots [δ18O, δ2H] were used to discern general trends.  

 

Plant and soil water stable isotope data were tested for normality using histograms, quantile-

quantile plots, and the Shapiro-Wilk normality test[25, 26]. The pant water data, grouped by 

extraction method, was found to be normally and non-normally distributed. Thus a non-

parametric Kruskal-Wallis (one-way ANOVA on ranks) test[27, 28] was used to determine if the 

population medians, separated by plant portion extracted (head, leaf, stem, and root crown) were 

statistically similar across the extraction methods used in this study. Subsequently, Dunn’s test 
[29] was used to determine which of the extraction methods produced significantly different 

results for the plant portion in question (p ≤ 0.05).  To control false discovery rates and adjust p-
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values, the Benjamini-Hochberg adjustment was used [30]. The soil water data was found to be 

normally distributed by Shapiro-Wilk test. However, since normality tests don’t have the power 

to reject Ho for small sample sizes, these small samples will often pass normality tests[26]. Q-Q 

normal plots of the soil data implied non-normality. Thus the non-parametric Mann-Whitney-

Wilcox test [31, 32] was used to determine which of the soil layers were significantly different 

from one another at a 95% confidence interval (p ≤ 0.05). 

 

2.4 Results 

Table 1 summarizes the descriptive statistics for the extracted isotopic ratios of all plant portions, 

for all methods of extraction, and for each method of isotopic analysis (OA-ICOS and IRMS). 

The stable isotope signatures of irrigation water used in this study were -128.25‰ (sd: 0.65, 

n=18) for δ2H and -15.80‰ (sd: 0.11, n=18) for δ18O. For δ2H results, the CVD-1 and CVD-2 

systems were the most repeatable across the various plant portions, except for the stem results for 

CVD-2. DVE, centrifugation, and HPMS methods were moderately reproducible, decreasing in 

reproducibility respectively. The ME-OA-ICOS system was the least reproducible with the 

highest and most consistently unacceptable standard deviations. For δ18O results, CVD-1 had the 

most reproducible results, followed by centrifugation, HPMS, DVE, CVD-2 and ME-OA-ICOS. 

Across all plant portions, CVD-1 had a standard deviation range of 0.86 to 2.87 for δ2H and 0.34 

to 1.22 for δ18O. CVD-2 had a standard deviation range of 1.50 to 15.70 for δ2H, and 1.52 to 8.75 

for δ18O. DVE had standard ranges of 1.48 to 6.92 for δ2H and 0.64 to 3.41 for δ18O. 

Centrifugation sd ranges were 0.88 to 6.78 and 0.30 to 1.45 for δ2H and δ18O respectively. 

HPMS had sd ranges of 4.23 to 6.92, and 0.58 to 0.95 for δ2H and δ18O respectively. Finally, 

ME-OA-ICOS had standard deviation ranges of 5.50 to 13.70 for δ2H and 1.27 to 2.91 for δ18O. 

 

Figure 2 summarizes the stable isotope results for the extracted soil profile water. Analysis by 

Mann-Whitney-Wilcox test showed that the soil was split into significantly different horizons. 

The δ2H data shows the 0-10 cm, 10-40 cm, and 40-50 cm layers to be significantly different 

from one another. The δ18O data shows the 0-10 cm, and 10-50 cm, layers to be significantly 

different from one another. Stable isotope signals in all layers were more enriched in heavier 
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isotopes than the irrigation water and were progressively enriched in the heavier isotopes 

towards the soil surface with the 0-10 cm layers being most enriched for both 2H and 18O. 

 

2.4.1 Plant Portion and Extraction Method Differences. 

The plant portions sampled followed a similar pattern of enrichment/depletion of measured δ-

values through all systems of extraction. Figures 3 and 4 show the irrigation, plant, and soil 

water results in standard dual isotope space. For the plant water samples, the stem results were 

the most depleted in heavier isotopes (2H, 18O) over all extraction systems. The root crown 

results were more enriched in 2H and 18O than the stems and tended to closely resemble the 0-10 

cm soil layer δ2H and δ18O values, except for the CVD-1 system root crown results, which more 

closely resembled the 20-50 cm soil layers. The leaf and head plant water results were the most 

enriched in 2H and 18O for all extraction systems. The leaf and head results were similar to each 

other for all extraction systems, except in the case of the HPMS and centrifuge results. For 

HPMS, the heads were more enriched in 2H and 18O than the leaves. For centrifugation the 

opposite was true, with the leaf water results being more enriched in 2H and 18O than the heads.   

 

2.4.2 Co-extracted Organics and Resultant Differences Between OA-ICOS and IRMS Analyses. 

Only CVD-1 and 2 methods produced a liquid analyte that could be run on the two methods of 

liquid analysis: OA-ICOS and IRMS. The other methods of extraction either did not produce 

liquid, as in the case of DVE and ME-OA-ICOS, or produced a liquid that was too viscous, due 

to co-extracted compounds, to be run on the OA-ICOS system. Methanol and ethanol content of 

water from all extraction systems that provided liquid analyte, are summarized by plant portion 

in Table 2. For co-extracted ethanol content, HPMS and centrifugation produced the largest 

concentrations, followed by CVD-2 and then CVD-1. For co-extracted methanol content, HPMS 

and centrifugation again produced the largest concentrations, followed by CVD-2. CVD-1 

produced one to two orders of magnitude less methanol than the other systems. 

 

For results from the CVD-1 extraction system, stable isotope differences between methods of 

analysis (IRMS vs OA-ICOS) for all plant portions ranged from 0.03‰ to 5.10‰ (average: 

1.54‰, sd: 1.23) for δ2H and, 0.21‰ to 1.66‰ (average: 0.78‰, sd: 0.44) for δ18O. For the 
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CVD-1 system, methanol and ethanol content was highest in the heads, followed by stems, 

leaves, and then root crowns. While the CVD-1 system results were flagged for narrow and 

broad band contamination on the OA-ICOS systems, the presence of co-extracted methanol and 

ethanol did not appear to be large enough to significantly skew the results between the two 

analysis systems (IRMS vs OA-ICOS). Though the boiling point of methanol and ethanol are 

64.7 °C and 78.2 °C respectively, the extraction temperature of 100 °C used by the CVD-1 

system did not appear to co-extract enough methanol/ethanol to negatively affect the results of 

OA-ICOS analysis for spring wheat. For the CVD-2 extraction system, differences between 

methods of analysis (IRMS vs OA-ICOS) for all plant portions ranged from 0.61‰ to 28.61‰ 

(average: 6.26‰, sd: 5.95) for δ2H, and 0.24‰ to 20.73‰ (average: 6.13‰, sd: 5.62) for δ18O. 

The methanol and ethanol content extracted by the CVD-2 system was nearly an order of 

magnitude higher for all plant portions than that extracted by the CVD-1 system, and this is 

likely due to the higher extraction temperature of 200 °C. For the CVD-2 system, ethanol content 

was highest in the heads, followed by stems, leaves, and then root crowns. However, methanol 

content was highest in stems, followed by heads, leaves and root crowns. The results of the 

CVD-2 system were also flagged for narrow and broad band contamination on the OA-ICOS 

analysis system and, we believe that the larger differences between the CVD-2 IRMS and OA-

ICOS results are likely a byproduct of these co-extracted volatile organic compounds (VOCs). 

Centrifugation and HPMS co-extracted methanol and ethanol in quantities one to two orders of 

magnitude higher than the CVD-1 method. Also, depending on plant portion, the centrifuge and 

HPMS systems typically produced more methanol and ethanol than the CVD-2 system. We 

expected minimal amounts of methanol and ethanol to be present in the headspace of DVE 

samples as the DVE extraction-analysis step takes place at room temperature (~22 °C). At this 

temperature, based on equilibrium thermodynamics of partial pressures, minimal volumes of 

methanol and ethanol would be volatized during the equilibration of plant water with the dry 

headspace of the extraction vessel. To this point, the DVE samples did not show evidence of 

spectral contamination on the LGR IWA-45EP OA-ICOS analyzer’s absorption plot during 

analysis. However, this is not conclusive evidence for the lack of contaminants in the headspace 

of plant samples. Further research is needed to quantify volumes of organic contaminants 

potentially present in the headspace of DVE samples. 
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2.4.3 Variance Analysis. 

The Kruskal-Wallis one-way ANOVA by ranks test demonstrated significant differences in the 

isotopic results between the methods of extraction for each plant portion. The results of this test 

are summarized in Figure 5. Overall, for all plant portions (PP) and isotopes, the ME-OA-ICOS 

system had the greatest number of significantly different results, followed by CVD-1, HPMS, 

centrifuge, DVE and finally the CVD-2 system. Generally, for δ2H and δ18O values, the CVD 

systems produced results which were similar to each other for all PP. The CVD-2 system (OA-

ICOS and IRMS results) produced the least number of significantly different results across all 

PP, but the CVD-2 OA-ICOS results had fewer significant differences than the CVD-2 IRMS 

results for all PP. Again, we note the relatively higher amount of co-extracted VOCs in the CVD-

2 samples, which may account for the differences between OA-ICOS and IRMS results. The 

CVD-1 OA-ICOS and IRMS results had more significant differences for δ2H than δ18O results 

across all PP and were inconsistently different depending on the plant portion of interest. The 

mechanical methods HPMS and centrifugation produced results which were not significantly 

different for δ2H values. However, for leaf and stem portions, the δ18O results were significantly 

different between these two methods. HPMS results had far more significant differences for δ18O 

than δ2H values. The opposite was true for centrifugation which provided a greater number of 

significantly different results for δ2H than δ18O values. Even though the ME-OA-ICOS and CVD 

systems are based on similar mechanisms, the ME-OA-ICOS results tended to be consistently 

different from the CVD-1 and CVD-2 results. The ME-OA-ICOS system produced more 

significantly different results for δ2H than δ18O values. Overall, the DVE method produced the 

second lowest number of significantly different results. DVE had a similar number of significant 

differences for both δ2H and δ18O results and it produced results that were inconsistently 

different for both isotopes depending on the plant portion sampled. When DVE was compared to 

the standard method, cryogenic vacuum distillation, DVE produced results that were not 

significantly different from the CVD-2 system’s results for all PP, except for δ2H results from 

leaf tissue. However, consistent differences between DVE and CVD-1 δ2H values are noted, but 

the δ18O results were consistently similar between these methods.   
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2.4.4 Extraction Efficiencies and Sample Throughput 

 The CVD-1 and CVD-2 systems had extraction efficiencies of 99.8% (sd: 1.26) and 98.1% (sd: 

0.34) respectively. The ME-OA-ICOS had an average extraction efficiency of 98.2% (sd: 2.27). 

Thus, for methods utilizing heat to extract analyte from samples, we are confident that no 

Rayleigh fractionation processes would have affected our results. The HPMS system had an 

average extraction efficiency of 82.1% (sd: 9.24). Increasing pressure beyond 69.8 MPa was not 

possible with our system and extracting samples for longer than the 24 hours noted in the HPMS 

protocol did not increase the extraction efficiency. Centrifugation had the lowest extraction 

efficiencies at 48.9% (sd: 9.60) on average. We found that increasing the rotational speed and 

duration beyond 10,000 rpm (16,000 g) and 30 minutes respectively did not further improve 

extraction efficiencies. 

 

Sample throughput rates for the extraction/analysis methods are calculated per 8-hour period. 

DVE had the highest sample throughput with 74 samples followed by CVD-2 system with 60 

samples. We note that the CVD-2 throughput rate is a product of heating block specifications and 

could be improved with a larger heating apparatus. Centrifugation had a throughput of 38 

samples. The CVD-1 system had a throughput of 24 samples, which is dependent upon the 

number of extraction-collection lines added into the system. We note that the addition of extra 

extraction-collection lines to this system results in diminishing returns on sample throughput, as 

additions increase the setup and post-extraction sampling time. The ME-OA-ICOS system 

requires a cool-down period after each sample resulting in a throughput of 16 samples. The 

HPMS system had the lowest sample throughput which is a byproduct of requiring 24 hours to 

extract one sample. Sample throughputs with the HPMS system can be increased by adding more 

squeezing units. We had access to three squeezing units for this study and could process three 

samples every 24 hours. At the end of the extraction period described here, only the DVE system 

immediately returns isotopic values. The cryogenic systems, HPMS and centrifugation provide a 

liquid that will then require another 24-48 hours of analysis on either IRMS or OA-ICOS 

analyzers before isotopic values are available. Both IRMS and OA-ICOS analyzers also have 

sample throughput rates which limits speed of returned data. The ME-OA-ICOS system also 



 

35 

 

provides delta values and isotopic ratios during analysis. However, the raw ME-OA-ICOS data 

must first go through a post processing integration and correction step, before it is useful.   

 

 2.5 Discussion: 

2.5.1 Methodological Controls on Accessible Water Pools Within the Plant. 

The methods of extraction used in this study can be split into two groups, defined by the way 

they extract water from a sample: (1) ‘mechanical methods’ like HPMS and centrifugation that 

use physical force to push liquid out of the samples and (2) ‘phase change methods’ like CVD-1, 

CVD-2, ME-OA-ICOS and DVE. Cryogenic and microwave methods rely on heat and pressure 

changes to volatize the liquid in the sample and pull it out of the sample for collection/analysis. 

The DVE system is unique in that while it relies on the phase change of water, no heat or 

pressure changes are used to induce this phase change, only equilibrium processes.  

 

It is also possible to group the methods of extraction by the water pools and the hydrogen and 

oxygen pools within the plant that they are capable of accessing. Here we define the total water 

pool as all available water within a plant sample, that is: the relatively more mobile xylem and 

inter-cellular water; and the relatively less mobile intra-cellular, cell wall, and organelle 

constrained water. The mobile, transpiration water, is defined as that which is taken up by roots 

and rapidly moved through the xylem to sites of transpiration. Depending upon a water 

molecule’s path through the plant, (diffusional vs bulk flow), it will have greatly different 

residence times. This is important as we know that precipitation isotope signals and available soil 

water isotope signals change seasonally. Thus, a mixture of stable isotope signals connected to 

different uptake periods in time will be present simultaneously in a plant’s total water isotope 

signal. For studies interested in investigating the sourcing of water by plants, it is critical to be 

able to connect plant water isotope signals with the slice of time that plant sampling occurred in.  

 

For hydrogen and oxygen pools within plants, it has been previously noted that isotopic 

fractionation of H and O occurs during primary production[33]. In the case of hydrogen, plants 

have been shown to preferentially use 1H in the production of metabolic and other organic 

compounds. For oxygen, it is the isotopic composition of the available plant water at the time of 
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its production that determines the δ18O signature of organically bonded cellulose[33]. These 

isotopic signals are thus laid down in cellulose and other plant organic compounds during their 

production and may be accessible by virtue of the way water is extracted by our tested extraction 

systems.  

 

The CVD-2, CVD-1 and ME-OA-ICOS methods, extract up to 99% of the water in a sample, 

and are thus accessing total plant water. This may serve to produce results that are more depleted 

in 2H and 18O, due to extraction of the water and H/O pools that are more enriched in 1H 

(depleted in 2H). Indeed, our results for both CVD-1 and CVD-2 extraction systems were 

depleted in 2H and 18O relative to the all systems average. HPMS and centrifugation are also 

capable of accessing the total plant water pool, however they do so through destruction of tissue, 

bursting cell walls and organelles and allowing the water contained therein to be extracted along 

with the more mobile xylem and inter-cellular water. However, it is this destruction of tissue that 

means the HPMS and centrifugation systems are also accessing organic compound bound 

hydrogen and oxygen pools. These organic compound pools may not be the same as those 

extracted by the CVD and ME-OA-ICOS systems, and thus their effect on δ2H and δ18O values 

may also be different. The high content of co-extracted compounds produced by HPMS and 

centrifugation are observed in Figure 1 and Table 2. 

 

2.5.2 On the Accuracy of Extraction Methods Based on Co-extracted Organic Compound 

Content. 

While we are primarily interested in the transpiration water within plants, co-extraction of 

organic compounds can occur simultaneous to water extraction, the amount of which appears to 

depend on the extraction method used. These co-extracted organic compounds such as methanol, 

ethanol, phenolics, terpenes and other xylem sap constituents such as sugars, and proteins can 

influence the returned stable isotope signals during analysis [3, 16, 34, 35].  We quantified only the 

methanol and ethanol content present in extracted liquid analyte. Typically, extracted plant 

analyte is analyzed via IRMS, as the presence of co-extracted contaminants are often in small 

enough volumes relative to the total mass of water H and O, that they will not impact the 

accuracy of results. The rise of low cost, rapid analysis by refractive laser based spectroscopy 



 

37 

 

like CRDS and OA-ICOS, has led a number of groups to attempt to utilize this analysis method 

on plant water [16]. Unfortunately, the problematic co-extracted compounds have optical 

absorption characteristics similar to water and can thus result in errors in the measurement of δ2H 

and δ18O values on laser-based (CRDS and OA-ICOS) spectrometers [3, 4, 16]. Some extraction 

systems may, as a by-product of the methods of extraction, produce greater amounts of co-

extracted compounds, resulting in analyte of lower purity. However, little work has been done to 

quantify how much and what type of co-extracted compound is produced by the various 

extraction systems. The various co-extracted compounds may each be contributing different δ2H 

and δ18O signals to the total water signal, based on the H and O originally used at the time of 

their synthesis. These various signals are currently difficult to disentangle from the total water 

isotope signal and may require modelling to fully understand.  

 

Table 2 shows that the mechanical methods co-extracted methanol and ethanol in quantities one 

to two orders of magnitude greater than the CVD-1 method did. In addition to the visually 

observed contamination shown in Figure 1, HPMS and centrifugation produced a liquid that was 

far more viscous than that produced by the CVD-1 and CVD-2 methods. The co-extraction of 

organic compounds by centrifugation and HPMS makes us consider the final extracted analyte as 

more of a jelly, containing water and organic contamination at magnitudes large enough that our 

returned δ2H and δ18O results from these systems may be unrepresentative of the water contained 

within the plant, even though they were analyzed via IRMS. We therefore conclude that the 

HPMS and centrifugation methods are producing less accurate results due to the relatively high 

content of co-extracted organic compounds and the low purity of their returned analyte. 

Interestingly, the CVD-2 returned stable isotope result were not significantly different from those 

of the DVE system for all plant portions and isotope ratios of interest, except for the CVD-2-

IRMS leaf water δ2H results, even though the CVD-2 leaf water contained substantial amounts of 

methanol and ethanol. As such, the CVD-2 system may also be an acceptable extraction system 

for plant water analysis. However, we would recommend that a lower extraction temperature of 

100 °C be used, and that analyte extracted from plant samples with this method only be analyzed 

via mass-based spectrometry like IRMS. The similarity between DVE and CVD-2 results could 

be a byproduct of the low number of samples (n=5 per plant portion per method compared) 
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analyzed with the non-parametric ANOVA. Further research with higher N per method of 

extraction should be undertaken.  

 

The DVE system is the only method that is accessing the mobile xylem and inter-cellular water 

pools with limited co-extraction of organic compounds. This is because DVE relies upon 

evaporative equilibration of water within the plant sample to that of the dry air added to the 

sampling container as an equilibration medium. Water contained in the xylem and within inter-

cellular spaces is more mobile than water contained in the intra-cellular spaces and that of the H 

and O atoms contained within cellulose structures. This xylem and inter-cellular water will 

therefore more rapidly equilibrate with the air injected into the DVE sampling container. The 

more tightly held water must first diffuse through cell walls and will be slower to equilibrate 

with the dry air in the DVE analysis bag. We believe that the bulk of the water signal we are 

seeing in DVE results is that of the more mobile water pool within the plants and is therefore 

more representative of the water being taken up and transpired by the plant on a daily basis. For 

studies looking at the ecohydrological dynamics of plant water uptake, DVE could be the system 

that is most closely accessing the water of interest in these studies. We note lack of fluctuations 

between peaks in the absorption plots of analyzed DVE samples to indicate low to no presence of 

organic contaminants in the headspace of those samples. However, as we did not quantify the 

presence of organic contaminants in the headspace of the DVE samples and instead relied on 

observation of the absorption plot for flagging of contamination, we cannot completely rule out 

organic contamination issues with the DVE results.   

 

2.5.3 Extraction Methods and their Effects on δ18O and δ2H Values  

The CVD-1 system, across all plant portions consistently produced the results most depleted in 
2H and had the lowest standard deviation between replicates across all plant portions. The CVD-

1 system is accessing total plant water by extracting ~99.8% of the water from a sample. It is 

likely that the returned isotopic ratios, relatively depleted in 2H are a result of this systems access 

to the light hydrogen (1H) that has been preferentially taken up into plant organic compounds. 

This light hydrogen pool will likely make up a greater proportion of the total water extracted, 

relative to the light hydrogen pools accessible to a system such as DVE. Similarly, the CVD-2 
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system also produced consistently depleted results for 2H for all plant portions. Again, we 

attribute the relatively depleted 2H results to these systems access of the plant organic compound 

pools. Of note, the CVD-2-IRMS δ18O results for the roots and heads had a much wider spread 

than its δ2H results, and than the CVD-2-OA-ICOS δ18O results. We attribute the CVD-2 

systems relatively enriched 2H results (as compared to CVD-1 results), to the higher amounts of 

co-extracted methanol, associated with higher extraction temperatures. The ME-OA-ICOS 

system consistently produced the most enriched results for both isotope ratios across all plant 

portions. The spread of the ME-OA-ICOS results were also consistently the largest amongst all 

extraction systems, although this was more pronounced for δ2H results than δ18O results. 

Interestingly, the relatively enriched 2H and 18O results produced by the ME-OA-ICOS in our 

study are consistent with the findings of Orlowski et al. [3], implying that a problem with the 

method itself exists, wherein an operational effect results in an enrichment of the isotopic 

signals. We note there was difficulty during the ME-OA-ICOS extractions in maintaining seals 

on the extraction vessel. Samples were re-run in cases where we noted damage to the extraction 

vessel seals, but these leaky seals may be another source of analytical error, and enrichment of 
2H and 18O for the ME-OA-ICOS system. The HPMS system, across all plant portions produced 

consistently depleted results for 18O, but its δ2H results were generally close to the average of all 

systems result. The centrifugation results were the least consistent of all extraction systems in 

terms of their depletion or enrichment of 2H and 18O relative to the other system’s results. For the 

heads, centrifugation results for both isotope ratios were depleted in the heavier isotopes, but for 

the leaves, stems and roots, the centrifugation results tended to be enriched in 2H and relatively 

similar to the other extraction systems for δ18O values. The spread of the δ2H results for 

centrifugation was among the worst, while the spread of the δ18O results was consistently 

amongst the best. We note that due to the relatively abundant content of co-extracted organic 

contaminants in the mechanically extracted (HPMS and centrifugation) water samples, it may be 

difficult to adequately explain our isotopic results as we have not determined the full extent of 

what organic contaminants are present, in what quantities, and what their δ2H and δ18O signals 

are. The DVE system produced results that were more enriched in 2H and 18O than those of the 

standard cryogenic extraction systems (CVD-1 and CVD-2), we believe that this is because DVE 

is accessing the rapidly mobilized xylem water pools in the plant and less so the intra-cellular 
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and organic compound bonded H and O pools, meaning that we should expect to see more 

enriched 2H and 18O results. The spread of the DVE results were moderate relative to the other 

extraction systems with the δ2H results having more acceptable standard deviations than those of 

the δ18O results. 

 

Generally our results are comparable in principle to the soil-based work of Orlowski et al. [3] for 

the extraction systems apparent effect on δ2H and δ18O values. The Orlowski et al. [3] 

intercomparison evaluated the methods of extraction: CVD-1, HPMS, DVE, ME-OA-ICOS, and 

centrifugation. For the Orlowski et al. [3] study, the CVD-1 system tended to produce depleted 

results relative to the spike water, the ME-OA-ICOS, and centrifuge systems produced results 

which were enriched relative to the spike signal, and DVE produced enriched results for 18O only 

and closely matched the spike signal for δ2H values. However, a noted difference between our 

results and those in Orlowski et al. [3] is that the HPMS system tended to produce results depleted 

in the heavier isotopes in our trial, whereas the HPMS system produced results enriched in 2H 

and 18O in Orlowski et al. [3]. In regard to significant differences between methods of extraction, 

their study found far more consistently different results across all systems of extraction, 

especially at lower soil water contents, as compared to the less consistent number of significant 

differences found in our study. Care should be taken when attempting to compare the result of 

our study with the Orlowski et al. [3] intercomparison, as the water carrying media (soil vs plant 

matter) are highly different from one another with regard to relative inertness, internal chemistry, 

effects on water isotope ratios and presence of co-extractable compounds. 

 

2.5.4 Extraction Method Intercomparison  

While a variety of extraction methods are available for plant and soil water extraction, little work 

has been done to intercompare the extraction methods and their effects on the isotopic signal of 

the recovered water. Typically, previous method comparison studies would test a new method 

against one or two other extraction methods to validate the new method.  [2, 14, 36-39]. The newly 

developed extraction method would commonly be compared to and validated against the 

previously established ‘gold standard’ of cryogenic vacuum distillation [5]. Orlowski et al. [3] 

carried out the first formal inter-comparison of the major lab-based soil water extraction 
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techniques. Their study involved the extraction of spiked soil water from two unique soil types at 

three water contents per soil type. They found that extraction methods returned results which 

were significantly different from one another depending upon soil type and water content.  In 

fact, this work called into question the use of cryogenic extraction as the ‘gold standard’, 

especially when extracting water from soils with low water contents or with a highly clayey 

composition [3, 4, 8]. The CVD system was called into question as it produced water, whose δ2H 

and δ18O values were significantly different from the water produced by all other tested methods. 

The CVD δ2H and δ18O results were also significantly different from the spiked reference water 

δ2H and δ18O values (p ≤ 0.05) [3]. A methodological comparison of plant water extraction 

techniques for stable isotope analysis was carried out by Yang et al. [6]. They review available 

methods of plant water extraction, but do not investigate method performance through 

experiment. Ours is the first study to experimentally inter-compare the available method of plant 

water extraction.  

 

The results of the ANOVA analysis above show that there are significant differences in the 

stable isotope ratios returned by the tested methods of extraction, depending upon the plant 

portion and isotope ratio of interest. However, the significant differences between extraction 

system’s returned values were not consistent across all plant portions tested nor for both δ2H and 

δ18O values. This implies that a variable beyond just the methodological effects of extraction 

may be responsible for causing significant differences between systems. We posit that the 

complex and varied chemistry of the different plant portions will allow for co-extraction of a 

unique set of compounds, depending upon plant portion sampled, that could in turn be modifying 

the retuned stable isotope signals upon analysis on IRMS and OA-ICOS, and contributing in part 

to the differences between the methods of extraction. Thus, the fact that DVE may not have 

issues with co-extracted compounds and is primarily accessing the more mobile plant water 

pools further cements its usefulness as an analytical method. 

 

2.5.5 Limitations of our Study Approach and Recommendations. 

Our study is the first that we are aware of to intercompare the methods of plant water extraction 

for potential differences in their returned stable isotope results. However, there are limitations to 
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extending these results to other plant water extractions. While wheat is perhaps relatively similar 

to other herbaceous grass species or other soft tissue crops like maize and rice, woody biomass 

water extractions may be more problematic with regards to co-extractable compounds. The 

relative volumes of co-extracted organic compounds present in the water pools of herbaceous 

grasses may be vastly different from the volumetric content of VOCs in larger tree species. This 

could modify the result of studies intercomparing the methods of extraction on woody plant 

species. Further work is urgently needed to quantify types of co-extracted organics in woody 

plant material and their effects on the δ2H and δ18O signatures in returned isotopic results.  

 

Special care should be taken when investigating inter-method differences for plant species that 

have historically proven problematic when run on laser-based spectrometers due to their 

production of high volumes of co-extracted compounds. Further to this point, future work should 

investigate how these co-extracted compounds affect returned δ2H and δ18O signals when 

extracted water is analyzed via OA-ICOS. Quantification of the volumes and isotopic signatures 

of co-extracted compounds that will cause inaccurate results; and further development of 

filtration techniques and post analysis correction techniques should also be undertaken. Since we 

advocate that the DVE system is the most appropriate method for characterizing xylem and thus 

source water signals in plant water sourcing studies, more work is also needed to investigate the 

standard operating procedures of the DVE system. Specifically, studies should be carried out 

investigating: the effects of various equilibration times on returned isotopic signals, and the types 

of dry air that are most appropriate for generating an initial isotopically un-biased non-

equilibrium condition in analysis containers. Based on intended storage length, users of the DVE 

system should choose the most appropriate containers for storage and analysis. Hendry et al. [9] 

suggest that for storage under 10 days the Ziploc® double zipper freezer bag is acceptable, but 

for storage periods >30 days Sprenger et al. [4] recommend laminated coffee bags. 

 

2.6 Conclusions: 

We compared six different extraction/analysis systems used in determining the stable isotope 

composition of plant water, on four isotopically unique plant portions of spring wheat. Where 

possible we analyzed the resultant extracted liquid analyte on IRMS and OA-ICOS system to 
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determine if the presence of co-extracted organic compounds modified the returned isotopic 

results. We reject our null hypothesis that all extraction methods will return the same water 

isotopic composition. We found significant differences between returned stable isotope results 

produced by the extraction/analysis methods, depending upon the plant portion analyzed.  

 

Inter-comparisons between the methods of analysis (IRMS and OA-ICOS) showed that for lower 

extraction temperatures of 100 °C, organic contamination was not significant, but that for higher 

extraction temperatures of 200 °C, organic contamination appeared to have a greater effect on 

results likely due to increasing methanol and ethanol co-extraction. Further to this, the 

mechanical methods of centrifugation and HPMS produced such large quantities of co-extracted 

compounds in their extracted analyte, that the analyte was physically unable to be analyzed on 

the OA-ICOS system. Thus, the analyte produced by HPMS and centrifugation may not be 

reasonable to compare against the other extraction method’s analyte, due to the large volumes of 

undefined co-extracted compounds present. We recommend use of lower extraction temperatures 

over longer extraction periods for cryogenic methods, to limit issues with organic contamination 

as well as to limit potential burning or oxidation of plant tissues which may contribute to 

inaccurate stable isotope results. 

 

While difficulty exists in defining a reference water value to use in quantifying the 

accuracy/precision in plant water extraction, we determined via investigation of the mechanisms 

of extraction, and by quantifying co-extracted methanol and ethanol content in other extraction 

methods, that DVE is likely the most appropriate method to use when investigating plant water 

sourcing, at least for wheat. The rapid sample throughput, portability, and near instant analytical 

results of the DVE-OA-ICOS system will allow for much greater temporal resolution in studies 

utilizing plant water isotopes. However, more research is needed to confirm DVE’s utility and 

accuracy for other plant species.  
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2.8 Transition Statement 

Chapter 2 has shown that there are significant differences between the tested methods of plant 

water extraction-analysis. Significant differences between CVD-2 and DVE were not present and 

this was an unexpected finding due to the high presence of co-extracted organic compounds 

methanol and ethanol in the water produced by CVD-2. Further work investigating the 

differences between CVD-2 and DVE will be carried out with a higher number of samples to 

compare in Chapter 3. Significant differences between the CVD-2 OA-ICOS and IRMS analysis 

results indicate that the presence of methanol, ethanol and other co-extracted organic compounds 

impacts returned stable isotope results when an IRIS method is applied for analysis.  These 

findings set the stage for Chapter 3 (further investigation of potential method differences 

between DVE and CVD-2) and Chapter 4 (quantifying the effect of methanol and ethanol 

contamination on results returned by an LGR OA-ICOS analyser).   
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2.11 Tables and Figures 
Table 2.1. Means and standard deviations (sd) of extracted δ2H and δ18O ratios from spring wheat samples for four different plant 
portions: head, leaf, stem, and root crown, measured via OA-ICOS and IRMS. (n.v.) indicates no data for this sample.  
 

   OA-ICOS 
Head Leaf Stem Root Crown 

δ2H [‰] δ18O [‰] δ2H [‰] δ18O [‰] δ2H [‰] δ18O [‰] δ2H [‰] δ18O [‰] 
Mean sd Mean sd Mean sd Mean sd Mean sd Mean sd Mean sd Mean sd 

CVD-1 -83.12 2.19 -0.09 0.31 -80.11 2.81 -1.12 1.02 -125.60 1.01 -12.59 0.34 -115.40 0.93 -11.95 0.34 

CVD-2 -74.90 2.83 0.02 0.82 -74.41 1.50 1.36 1.75 -112.99 15.70 -5.15 8.53 -107.73 2.61 -9.45 1.25 

DVE -64.19 6.92 3.83 3.41 -64.96 1.48 0.98 0.65 -113.82 4.33 -11.32 0.81 -99.39 3.72 -9.20 0.64 

ME-OA-ICOS -37.32 5.50 5.78 1.27 -33.86 13.70 1.99 2.91 -95.93 6.72 -11.68 1.70 -91.14 5.92 -6.97 1.74 

  
  
  IRMS 

Head Leaf Stem Root Crown 
δ2H [‰] δ18O [‰] δ2H [‰] δ18O [‰] δ2H [‰] δ18O [‰] δ2H [‰] δ18O [‰] 

Mean sd Mean sd Mean sd Mean sd Mean sd Mean sd Mean sd Mean sd 
CVD-1 -81.79 1.28 -1.10 0.41 -82.08 2.87 -1.88 1.05 -127.28 2.35 -13.03 0.34 -115.58 0.86 -12.26 0.35 

CVD-2 -77.20 3.51 3.59 4.39 -80.85 2.22 -1.14 1.44 -120.95 3.24 -9.72 3.04 -107.57 1.56 -5.16 4.36 

HPMS -67.40 4.24 -1.34 0.80 -76.36 6.92 -3.91 0.58 -107.69 4.23 -14.95 0.95 -101.32 n.v -12.69 n.v 

Centrifugation -79.12 0.88 -2.38 0.53 -66.31 5.89 -0.07 0.30 -99.89 3.15 -11.53 0.51 -93.17 6.78 -8.99 1.45 
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Table 2.2. Results of methanol and ethanol content analysis by GC-FID of liquid analyte from 
all extraction systems that produced liquid analyte. A result of < 5 signifies that methanol or 
ethanol content was below detection level. N.v signifies no sample was supplied for analysis. 
 

Extraction Method and 
Plant Portion 

Ethanol 
(ug/mL) 

Methanol 
(ug/mL) 

CVD-1 – Head 4700 56 
CVD-2 – Head 22000 690 
HPMS – Head 22000 1900 
Centrifuge – Head 30000 1100  

CVD-1 – Leaf 150 44 
CVD-2 – Leaf 7400 530 
HPMS – Leaf 8700 870 
Centrifuge – Leaf 1700 690  

CVD-1 – Stem 1700 30 
CVD-2 – Stem 8200 1100 
HPMS – Stem 16000 1290 
Centrifuge – Stem 15000 1400  

CVD-1 – Root <5 <5 
CVD-2 – Root 670 190 
HPMS – Root 2800 120 
Centrifuge – Root n.v. n.v. 
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Figure 2.1. Photographic compilation of extracted analyte from cryogenic vacuum distillation: 
CVD-1 and CVD-2, high pressure mechanical squeezing (HPMS), and centrifugation (CEN), 
showing colour variations linked to co-extracted organics. Note: photos were taken after sub 
sampling for analysis occurred, so volumes are not representative of total collected water. 
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Figure 2.2. Stable isotope means and standard deviations (sd) of extracted soil pore water 
(n=10/depth), grouped by significantly different layers (p ≤ 0.05), with associated soil water 
stable isotope depth profiles. Water extracted via HPMS and analyzed via OA-ICOS. 
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Figure 2.3. Dual isotope plot of all results: irrigation water, extracted soil water (via HPMS), 
and liquid analyte extracted from plant samples for all methods of extraction-analysis. Cryogenic 
vacuum distillation system results (CVD-1 and CVD-2) are grouped by analysis system used 
(OA-ICOS and IRMS). 
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Figure 2.4. Dual isotope plots of extracted plant analyte for all methods of extraction. DVE, 
ME-OA-ICOS, CVD-1, and CDV-2 analytes were analyzed via OA-ICOS (square markers). 
HPMS, centrifuge, CVD-1, and CVD-2 analytes were analyzed via IRMS (triangle markers). 
Extreme outliers were removed from the centrifugation results (n=1, leaf), the CVD-2-IRMS 
results (n=2, 1, 2: head, leaf, stem respectively) and the CVD-2 OA-ICOS results (n=1, stem). 
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Figure 2.5. Collection of statistical results detailing significant differences (p ≤ 0.05) between 
extraction methods per plant portion extracted for δ2H and δ18O, produced by the post-hoc Dunn 
test utilizing the Benjamini-Hochberg adjustment to prevent false discovery rates. 
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Table 2.S1. Compilation of soil characteristics. Particle size analysis and clay mineralogy 
analyzed by X-ray powder diffraction. Clay chemical composition by X-ray fluorescence. 

 

Particle Size Analysis 

Classification Grain Size (mm) Soil Fraction (%) 
Gravel > 4.75 0.73 

Coarse Sand 2 - 4.75 6.70 
Medium Sand 0.425 - 2.00 30.09 

Fine Sand 0.075 - 0.425 52.82 
Silt 0.005 - 0.075 6.66 
Clay < 0.005 2.99  

Total: 100.00 
  

Clay Fraction Characteristics 
ID and Abundance 

 
Chemical Composition 

Mineral (wt%) Component (wt%) 
Quartz [SiO2] 53.10 Na2O 0.71 
Dolomite [CaMgC2O6] 1.40 MgO 1.1 
Calcite [CaCO3] 1.80 Al2O3 9.66 
Albite [(Na.821Ca.179) (Al1.179Si2.821) O8] 22.60 SiO2 62.48 
Microcline [K(Si3Al)O8] 14.30 P2O5 0.24 
Hematite [Fe2O3] 4.00 K2O 2.02 
Clinochlore [Mg5.1Al1.2Cr.7Si3O18H8] 2.70 CaO 3.11 
    TiO2 0.63 

MnO 0.08 
Fe2O3 3.36 
S 0.06 
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Table 2.S2. Irrigation water characteristics. Major ions analyzed by inductively coupled plasma 
(ICP) atomic emission spectroscopy. 

 
Irrigation Water Characteristics 

δ2H (‰):  -128.25 (SD: 0.65, n=18) 
δ18O (‰): -15.80 (SD: 0.11, n=18) 

 

Inorganics 
Analyte Units Measurement 

pH - 8.35 
Specific conductivity uS/cm 529 
Sum of ions mg/L 402 
Total alkalinity mg/L 144 
Total hardness mg/L 196 
Bicarbonate mg/L 171.00 
Carbonate mg/L 2 
Chloride mg/L 14 
Hydroxide mg/L <1 
P. alkalinity mg/L 2 
 

Analysis by ICP 
Nitrate mg/L 0.65 
Fluoride mg/L 0.64 
Calcium mg/L 44.00 
Magnesium mg/L 21.00 
Potassium mg/L 4.90 
Sodium mg/L 34.00 
Sulfate mg/L 110.00 
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3.1 Letter to the Editor 

Dear Editor, 

Recent work by Millar et al. [1] showed significant differences in the isotopic composition of 

analyte extracted by six unique methods of plant water extraction-analysis. Here we report a 

short follow-up experiment to further explore the systematic differences between the cryogenic 

vacuum distillation method (based on Koeniger et al. [2]), hereafter called CVD-2 as in Millar et 

al. [1], and the direct vapour equilibration method (based on Wassenaar et al. [3] and [4]), hereafter 

called DVE.  

 

Millar et al. [1] found that DVE was the extraction method most likely to be accessing the 

transpiration stream within wheat samples utilizing stable isotope analysis. This was in part 

because DVE does not rely on induced pressure or temperature changes to extract a vapour-

analyte for analysis, and instead utilizes equilibration of plant tissue constrained water with dry 

headspace air in the sample container. Thus, the bulk of the analyte isotopic signal in the 

headspace will be from locations in the plant where water potential is highest: the transpiration 

stream.  Further, Millar et al. [1]  posit that since the DVE analysis step occurs at room 

temperature, only small volumes of organic compounds would be present in the vapour-analyte 
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headspace. This would thus limit interference during spectrometric isotopic analysis via off-axis 

integrated cavity output spectroscopy (OA-ICOS). We use the term analyte over that of plant 

water to refer to the liquid or vapour produced by the tested extraction-analysis approaches as 

there is potential in all extraction approaches to co-extract various volumes of organic 

compounds, thus the analyte cannot be thought of as purely ‘plant water’. 

 

Many ecohydrological studies are interested in the isotopic signature of water in the plant 

transpiration stream [5, 6]. Systems like CVD-2 that extract up to 99% of the plant’s internal liquid 

content are not only accessing the transpiration stream, but also; intra cellular water, organelle 

constrained water, and organic compound constrained 1H, 2H, 16O, and 18O [1]. The isotopic 

signals of these other plant water compartments may be dominated by soluble organic compound 

content unrelated to the transpiration stream. Unexpectedly, Millar et al. [1] found that the stable 

isotope ratios (δ2H: 2H/1H, δ18O: 18O/16O) of the analyte extracted by the CVD-2 system were not 

significantly different at a 95% confidence interval from the isotopic results of the DVE system, 

except for the leaf analyte δ2H results. This did not fit with the working explanation of Millar et 

al. [1] for why there were differences between the isotopic composition of analytes produced by 

an equilibration method (DVE) and a bulk extraction method (CVD-2). That is, that the co-

extracted organic compounds present in the analyte produced by the CVD-2 system would have 

skewed its isotopic results, making these results not representative of the plants transpiration 

stream isotopic signal. In fact, the CVD-2 system co-extracted substantial amounts of methanol 

(MeOH) and ethanol (EtOH) in the Millar et al. [1] study , which are known to cause errors in 

isotope ratio infrared spectrometry (IRIS) based analysis systems like OA-ICOS and may even 

modify isotope ratio mass spectrometry (IRMS) results if in high enough concentrations. [7-10].  

 

In this letter to the editor, we ask the following questions: Was the similarity between DVE and 

CVD-2 results in Millar et al. [1] due small sample sizes and thus lack of statistical power? Thus, 

will an increased number of samples for comparison between DVE and CVD-2 improve our 

understanding of method differences? Did co-extracted organic contamination cause errors in the 

isotopic analysis of analyte produced by the CVD-2 system? That is, did the organic 

contamination shift the CVD-2 results to appear statistically similar to the DVE results? We 
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believe it is unlikely that co-extracted organic contamination alone was responsible for the lack 

of difference between CVD-2 and DVE found in Millar et al. [1] as the CVD-2 extracts were 

analyzed by both IRMS and OA-ICOS analysis systems. IRMS analysis is typically used for 

plant extracted analytes to limit problems related to co-extracted organic compounds. The CVD-

2 isotopic results produced by IRMS analysis should therefore have little interference from the 

presence of organic contaminants. Indeed, Millar et al. [1] found substantial differences between 

the CVD-2 stable isotope results returned by OA-ICOS analysis and those returned by IRMS 

analysis, indicating the impacts of organic contamination on OA-ICOS analysis. The more likely 

explanation for why the CVD-2 and DVE results were not significantly different was due to the 

small sample sizes used in the Millar et al. [1] inter-method comparison.  

 

We use the phrase extraction-analysis to encompass both the CVD-2 extraction system and the 

DVE analysis approach. The CVD-2 system first extracts a liquid analyte from the plant, which 

is then sent for analysis via appropriate isotopic method. The DVE system is a measurement of 

isotopic values through direct analysis of a vapour analyte filled headspace above the plant 

sample of interest. To improve statistical understanding of the differences between DVE and 

CVD-2 Millar et al. [1] recommended further study with a higher ‘n’ per method of extraction-

analysis. We carry out this improvement here.   

 

Figure 1 shows spring wheat (Triticum aestivum L.) grown under controlled conditions to be 

utilized as a plant analyte source in this study. In this study a larger number of samples were 

collected than in Millar et al. [1] to improve statistical resolution. We used the same soil, 

containers, planting, and controlled irrigation approach as in Millar et al. [1] and refer the reader 

there for methodological details. However, in this study two containers of spring wheat were 

grown and only the root crown and first 5 cm of the leaf growth and differentiation zone (LGDZ) 

were collected for extraction-analysis. This plant portion was selected for its low co-extractable 

organic compound content [1] and its utility in indicating plant water sources [11]. Wheat samples 

were collected on a weekly basis once the seedlings had become established. The fist sampling 

occurred two weeks after planting (‘week-1’ in the sampling regimen). For the following 8 

weeks, a set of wheat samples were collected for DVE and CVD-2 extraction-analysis. During 
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each weekly sampling period a set of 8 individual plants were collected for each extraction-

analysis method per growth container (container 1 (C1) and container 2 (C2)). We collected 32 

total plant samples per week, split by extraction method and container (ex: 8 for DVE from C1, 8 

for DVE from C2, 8 for CVD-2 from C1, and 8 for CVD-2 from C2). Each sample’s LGDZ had 

the outer leaf layer removed as this component may have undergone transpirative enrichment. 

After extraction by CVD-2, the liquid analyte had its isotopic composition measured by IRMS. 

DVE samples were analyzed inline on a Los Gatos Research IWA-45EP OA-ICOS analyzer 

(Los Gatos Research Inc., San Jose, CA, USA). 

 

Statistical analysis of the isotopic data was carried out with the software R 3.3.2.[12]. Plant water 

stable isotope data was tested for normality using histograms, skewness, kurtosis, quantile-

quantile plots, and the Shapiro-Wilk normality test [13, 14]. The plant water data, grouped by 

container (C1 and C2 separated), week sampled (week 1-8 separated), and extraction method 

(DVE v. CVD-2 separated), was found to be from normal distributions in some cases and from 

non-normal distributions in others. To check for extraction-analysis method differences we 

wanted to compare only samples that would be reasonable to compare to one another. Thus, we 

compared DVE to CVD-2 results on a weekly and container sampled from basis (ex: DVE 

results from samples collected on week-1 from C1 were compared to CVD-2 results from 

samples taken on week-1 from C1, similarly for C2, and for all eight sampling dates). For 

variance analysis between DVE and CVD-2 data, where both sets of data were from normal 

distributions, Student’s T-test was applied [15] at a 95% confidence interval (p ≤ 0.05). For 

occasions were both sets of data were from non-normal distributions or one set of data was non-

normal and the other was normal, the non-parametric Mann-Whitney-Wilcox test [16, 17] was used 

to determine significant differences between extraction-analysis methods (p ≤ 0.05). 

 

Table 1 shows the mean and standard deviation (sd) of δ2H and δ18O results from each method of 

extraction-analysis, for each sampling week split by container (C1 and C2). For plant water δ2H 

and δ18O values from both containers, the CVD-2 extraction method consistently produced more 

negative values than those produced by the DVE analysis method. For C1 δ2H values, the 

maximum difference between methods occurred during week-1 sampling: CVD-2 produced 
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analyte that was 34‰ more negative than DVE. The average difference between CVD-2 and 

DVE δ2H values from C1 across all weeks of sampling was -19‰. For C1 δ18O values, the 

maximum difference between methods again occurred during week-1 sampling: CVD-2 

produced results that were 7.3‰ more negative than DVE. The average difference between 

CVD-2 and DVE δ18O values from C1 across all weeks of sampling was -3.9‰. For C2, the 

maximum difference between CVD-2 and DVE δ2H results occurred in the week-7 samples, 

where CVD-2 produced values that were 33‰ more negative than DVE. The average difference 

between CVD-2 and DVE δ2H results across all weeks was -21‰. Similarly, for δ18O results, the 

maximum difference occurred in week-7 samples, where CVD-2 results were 7.2‰ more 

negative than DVE results. The average difference between CVD-2 and DVE results for C2 for 

all weeks was -4.2‰. The week-2 δ18O results were the only time when the DVE method’s 

weekly averaged results (-11.6‰, standard deviation (sd) = 4.0‰, n=8) were more negative than 

the CVD-2 results (-11.2‰, SD= 0.7, n=8). In most cases the sd of the eight extracted plant 

water results for each method of extraction tend to be relatively similar. However, in the week-2 

δ18O results, the DVE sd is substantially larger than the CVD-2 sd.   

 

Figure 2 further highlights the relationship between the two method’s results, wherein the CVD-

2 system produced analytes whose stable isotope composition was consistently more negative 

than results produced by the DVE system for both δ2H and δ18O ratios. Figure 3 shows the 

results of variance testing by Student’s t-test [15] and the Mann-Whitney-Wilcox rank sum test [16, 

17]. Significant differences (p ≤ 0.05) were found between the stable isotope results produced by 

the DVE and CVD-2 methods for all weeks of sampling, except for C2 week-2 δ2H and δ18O 

results. During that sampling period δ2H and δ18O results from both methods of extraction-

analysis were not significantly different from one another. 

 

The finding of significant differences between the isotopic composition of analyte returned from 

CVD-2 and DVE systems for nearly all weeks sampled and for both isotopic ratios of interest 

(δ2H and δ18O) is contrary to the findings of Millar et al. [1]. Why are these two findings 

different? Co-extracted organic content in the samples could be a likely reason for these 

differences. Wu et al. [18] used advanced visualization techniques and reconstructive modelling to 
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show the water transport structures in the roots of wheat. They showed that the total area, and 

therefore water holding volume of the transport structures are relatively small compared to the 

area of all the other cellular structures. The cellular structures around the transport vessels will 

also be full of liquid, composed of water and other soluble organic compounds. As such, the 

transpiration stream isotopic signal only makes up a small portion of the total available liquid in 

any given plant portion. As noted in Millar et al. [1], and strengthened by the findings of Wu et 

al. [18],  any extraction method that has a high extraction efficiency (e.g. CVD-2) will produce an 

analyte that will be strongly influenced by the soluble content of the non-transport related cells. 

Any compound with water solubility and vapourization temperatures above room temperature 

and below 200 °C (the extraction temperatures used in the CVD-2 approach) such as MeOH and 

EtOH will more readily become apparent in samples extracted via CVD-2 as compared to DVE, 

as compounds normally associated with plant cellular structures are not easily volatilized at room 

temperature. For this study, we expect MeOH and EtOH concentration of the analyte extracted 

from the plant portion (made up of the root crown and LGDZ) to be similar to what was seen in 

Millar et al. (2018) for those plant portions. We are predicting that the concentrations of these 

organic compounds would vary throughout the growing stages of the plant, increasing as plant 

energetic organic compounds (carbohydrates etc.) are created during photosynthesis and stored 

in the LGDZ for later mobilization during anthesis. Fogel and Cifuentes [19] showed that plants 

may be preferentially choosing 1H over 2H in the production of organic compounds. Were this 

the case in our wheat samples, then analyte produced by the CVD-2 approach, containing higher 

volumes of soluble organic compound content composed preferentially of 1H dominated organic 

compounds could serve to drive isotopic results in a more negative direction for δ2H ratios 

(depleted in 2H and enriched in 1H). As we have not quantified MeOH and EtOH content for 

each sampling point we won’t carry this assumption too far, however, rising concentrations of 

these compounds in the analyte produced by CVD-2 extraction may explain differences in 

standard deviations seen over the course of the experiment between the two extraction 

methodologies. 

 

Another important consideration for explaining the potential differences between DVE and 

CVD-2 isotopic results, is related to the way in which the IRMS and OA-ICOS systems produce 
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stable isotope results. Simply put, IRMS approaches physically separate and then count the 

number of 1H, 2H, 16O and 18O atoms presents in a given analyte sample. Thus, IRMS approaches 

limit issues related to organic contamination in water samples since the volume of contaminant is 

typically relatively low compared to the volume of water in a given plant extracted sample. If 

contaminants are in high enough concentrations to cause errors, the size of the contamination 

effect is directly related to the concentration of the contaminant in the sample and its isotopic 

ratio [7]. In such situations, correction of the resulting isotope value can be made via mass 

balance correction, which utilizes the isotopic ratios of the water and contaminant and their 

respective molar fractions [7]. This requires that contaminant concentrations in the analyte be well 

defined. IRIS approaches on the other hand utilize highly specific photo absorption 

characteristics, relatively unique to water isotopologues (1H1H16O, 1H2H16O, and 1H1H18O), to 

determine the isotopic ratios (δ2H (2H/1H) and δ18O (18O/16O)) of the analyte (water and co-

extracted organics). The presence of any organic contaminants in plant extracted analytes that 

contain OH bonds similar to those of water will thus share similar spectral features with water. 

This results in the well-studied error issues related to organic contamination and IRIS analysis 

approaches [7-10, 20]. Further, the specific range of the water absorption band of the 

electromagnetic (EM) spectrum being utilized in IRIS analysis is likely unique to each IRIS 

manufacturer and may even have variations between individual devices of the same 

manufacturer[7, 10]. Additionally, the mathematical fitting procedures translating absorption into 

stable isotope values are unique to each manufacturer.  

 

In this study, the above points are relevant since we are comparing results produced by IRMS to 

OA-ICOS. We can therefore assume that the CVD-2 isotopic results are accurate representations 

of the analyte extracted by this system due to their analysis by IRMS: that is the bulk water pool 

of the wheat. For DVE OA-ICOS, if there are co-extracted organic contaminants sharing spectral 

features with water present in the analysis headspace, it may be that these OA-ICOS isotopic 

results are prone to some level of error due to spectral contamination. This could be another 

explanation for why we see differences in the DVE and CVD-2 results. However, if these plant 

organic compounds are preferentially built using lighter isotopes (1H and 16O)[19] we would 

expect their presence in the headspace of the DVE  to drive the results in a more negative 
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direction for δ2H and δ18O values (depleted in heavy isotopes 2H and 18O and enriched in lighter 

isotopes 1H and 16O). However, we do not see this in our results. In fact, our DVE results are 

more positive for δ2H and δ18O values than CVD-2 results for all weeks of sampling. We 

therefore believe that limited co-extracted organics are present in the headspace of DVE samples, 

and that our isotopic results are thus representative of the transpiration stream water isotopic 

signal. 

  

With a higher number of samples available for comparison in the present study, contrary to the 

findings of Millar et al. [1], we determined that there are significant differences in the stable 

isotope composition of analytes extracted by the CVD-2 system and isotopic results produced by 

DVE analysis. While the DVE approach is accessing water from location in the plant where 

water potential is highest: the transpiration stream, we cannot entirely rule out potential 

interference effects related to organic compound content in the analysis headspace of DVE 

samples, though we believe this problem to be limited with spring wheat samples. As organic 

compound content is well known to cause interference and errors in OA-ICOS analysis, further 

research is required to investigate organic compound detection tools during vapour analysis on 

OA-ICOS systems as well as identifying what compounds are present and quantifying their 

effects on isotopic results. Collaboration between isotope ratio infrared spectroscopy system 

manufacturers and research scientists may be necessary as components of this technology related 

to the return of isotopic results contains trade secrets and proprietary information. Our findings 

further indicate the importance of choosing the extraction-analysis approach best suited to 

accessing the water pools of interest for specific research campaigns. For studies interested in the 

transpiration stream, DVE could be a powerful tool for investigating plant water sourcing, as 

long as issues related to organic compound interference can be addressed. A potential future 

option would be to run DVE samples on IRMS, thereby limiting contamination issues. 
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3.3 Transition Statement 

Chapter 3 has further improved our understanding of potential differences in stable isotopes 

results produced by the DVE and CVD-2 extraction-analysis approaches. This chapter highlights 

the need for further research of the effects that co-extracted organic compounds like methanol 

and ethanol could have on isotopic results returned by OA-ICOS analysis approaches. It also 

highlights the need for development of detection tools to indicate the presence of organic 

contaminants in the headspace of DVE samples, during vapour-mode analysis. This leads us to 

Chapter 4 wherein we investigate the effects of methanol and ethanol contamination on OA-

ICOS and IRMS isotopic results. 
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Table 3.1. Means and standard deviations (sd) of δ2H and δ18O ratios from spring wheat samples, extracted by DVE and CVD-2 for container-1 
and container-2 from all 8 weeks of sampling. N=8 for each method of extraction per week of sampling. DVE samples analyzed via OA-ICOS and 
CVD-2 samples analyzed via IRMS. 

Container-1: δ2H Results 

Extraction/A
nalysis 
Method 

δ2H value (‰) 
Week 1 Week 2 Week 3 Week 4 Week 5 Week 6 Week 7 Week 8 

Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd (‰) Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd (‰) Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd 
(‰) 

DVE -75.3 3.7 -89.5 6.4 -95.7 4.3 -96.9 7.6 -101.9 10.2 -102.5 8.6 -95.5 10.3 -110.1 7.0 

CVD-2 -109.8 2.8 -104.6 1.9 -115.9 4.3 -116.5 3.2 -112.5 4.1 -118.3 2.2 -122.1 4.1 -121.0 3.5 
 

Container-1: δ18O Results 

Extraction/A
nalysis 
Method 

δ18O value (‰) 
Week 1 Week 2 Week 3 Week 4 Week 5 Week 6 Week 7 Week 8 

Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd (‰) Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd (‰) Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd 
(‰) 

DVE -4.4 1.3 -7.7 1.3 -8.9 0.5 -9.3 0.6 -9.8 1.1 -9.7 1.2 -8.6 1.7 -10.4 1.5 

CVD-2 -11.6 0.6 -10.2 0.5 -12.9 0.7 -13.6 0.6 -12.5 1.2 -13.4 0.4 -13.3 1.0 -12.7 1.0 

  

Container 2: δ2H Results 

Extraction/A
nalysis 
Method 

δ2H value (‰) 
Week 1 Week 2 Week 3 Week 4 Week 5 Week 6 Week 7 Week 8 

Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd (‰) Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd (‰) Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd 
(‰) 

DVE -77.1 7.5 -102.5 7.9 -96.4 5.2 -108.0 5.5 -90.6 5.8 -95.1 5.8 -84.9 7.8 -96.3 4.0 

CVD-2 -108.0 7.7 -104.9 4.4 -125.0 2.5 -120.4 3.0 -117.3 4.3 -115.5 2.8 -117.9 5.9 -110.9 3.0 
 

Container 2: δ18O Results 

Extraction/A
nalysis 
Method 

δ18O value (‰) 
Week 1 Week 2 Week 3 Week 4 Week 5 Week 6 Week 7 Week 8 

Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd (‰) Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd (‰) Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd 
(‰) 

Mean 
(‰) 

sd 
(‰) 

DVE -5.1 1.2 -11.6 4.0 -9.4 0.9 -11.2 0.4 -9.0 0.9 -8.1 0.4 -4.9 1.0 -7.9 0.8 

CVD-2 -11.4 1.2 -11.2 0.7 -15.5 0.6 -15.0 0.4 -13.7 1.0 -12.4 0.5 -12.1 1.7 -9.5 0.7 
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Figure 3.1. Photographic compilation of container 1 and container 2 spring wheat growth stages 
during each week of sampling. Note that water of the same isotopic composition was used during 
irrigation of both containers, but C2 received half the water of C1 during the last 4 weeks of the 
trial as part of an experiment being run in parallel to this one. 
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Figure 3.2. Dual isotope plots of extracted plant water δ2H and δ18O values from DVE and 
CVD-2 methods, for all weeks of sampling. Local meteoric water line (LMWL) equation: δ2H = 
7.7 x δ18O – 1.2‰[21].  
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Figure 3.3. Results of variance testing between DVE and CVD-2 extraction-analysis system’s 
returned δ2H and δ18O results for container-1 (C1) and container-2 (C2). When both sets of data 
were from normal distributions, data was compared using Student’s t-test to find significant 
differences between extraction-analysis methods (p ≤ 0.05). For cases when one set of data was 
from a normal distribution and the other was from a non-normal distribution, or when both sets 
of data were from non-normal distributions the Wilcoxon rank sum test was used to determine 
significant differences between stable isotope results (p ≤ 0.05). Significantly different (SD). Not 
significantly different (NSD). 
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4.1 Abstract 

RATIONALE: Co-extracted organic compounds such as methanol and ethanol are known to 

cause errors during stable isotope analysis of plant water via isotope ratio infrared spectrometry 

(IRIS). Additionally, research on two common IRIS methods has shown that the Los Gatos 

Research (LGR) off-axis isotope ratio spectrometry (OA-ICOS) method and Picarro’s cavity ring 

down spectroscopy (CRDS) method produce significantly different results when exposed to the 

same organic compound contaminated plant water. Quantification of the effect of methanol and 

ethanol contamination on the stable isotope composition of water samples when analyzed via 

OA-ICOS is needed. Software for the detection of organic contamination during liquid analysis 

on OA-ICOS exists. However, tools for the detection of organic contamination during vapour-

mode analysis via OA-ICOS are needed.  

 

METHODS: We create a series of methanol-water and ethanol-water mixtures and analyze them 

for their stable isotope composition via liquid and vapour-mode on an LGR IWA-45EP OA-

ICOS analyzer. We analyze the same mixtures via isotope ratio mass spectrometry, utilizing 

hydrogen reduction for δ2H ratio analysis and CO2-H2O equilibration for δ18O ratio analysis. We 
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test the Absorption plot and Spectra Fit Residuals plot, components of the OA-ICOS system, for 

their ability to detect organic contamination in water samples during vapour mode analysis.  

 

RESULTS: For both δ2H and δ18O ratios, OA-ICOS results showed substantial deviations from 

IRMS and OA-ICOS reference water results for methanol-water mixtures at greater than 0.01% 

concentrations. Methanol-water mixtures showed deviations as large as 406‰ (δ2H) and 261‰ 

(δ18O) relative to the reference water isotopic composition when analysed in liquid-mode via 

OA-ICOS. Ethanol-water mixtures only showed noticeable deviations between OA-ICOS and 

reference water results at 5% and 10% concentrations. Deviations as large as -9.8‰ (δ2H) and -

4.1‰ (δ18O) relative to the control water isotopic composition were measured during liquid 

analysis of ethanol-water mixtures on OA-ICOS. The Spectra Fit Residuals plot detected 

methanol contamination at concentrations ≥ 0.01%, and ethanol contamination at concentrations 

≥ 0.1% in vapour-mode on OA-ICOS. 

 

CONCLUSION: Our findings show that methanol causes far more error in isotopic results than 

ethanol contamination during spectrometric analysis. Unlike previous work that showed organic 

contamination caused CRDS results to skew negatively and OA-ICOS results to skew positively 

in the presence of organic contaminants, we show that methanol causes OA-ICOS results to 

skew positively, while ethanol causes OA-ICOS result to skew negatively. We show that the 

LGR Spectra Fit Residuals plot may be a useful tool for the detection of organic contaminated 

results during vapour-mode analysis.  

 

4.2 Introduction 

Analyte extracted from plants for stable isotope analysis are composed of plant water that 

commonly contains co-extracted soluble organic compounds. These organic compounds are 

known to cause substantial errors in returned isotopic results when that analyte is analyzed via 

isotope ratio infrared spectroscopy (IRIS) methods [1-4]. Therefore, plant analytes are typically 

analyzed by isotope ratio mass spectrometry (IRMS), wherein the size of the contamination 

effect is directly related to the concentration of the contaminant in the sample and its isotopic 

ratio [1]. In such situations, correction of the resulting isotope value can be made via mass 
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balance correction, which utilizes the isotopic ratios of the water and contaminant, and their 

respective molar fractions [1]. This requires that contaminant concentrations in the analyte be well 

defined. 

 

IRIS methods include the Picarro (Picarro, Santa Clara, CA, USA) cavity ring down 

spectroscopy (CRDS) system and the Los Gatos Research (Los Gatos Research Inc., San Jose, 

CA, USA) off axis-integrated cavity output spectroscopy (OA-ICOS) system. IRIS analysis 

systems utilize highly specific photo absorption characteristics, relatively unique to water 

isotopologues (1H1H16O, 1H2H16O, and 1H1H18O), to determine the isotopic ratios (δ2H (2H/1H) 

and δ18O (18O/16O)) of the analyte (water and co-extracted organics)[1]. The two most commonly 

cited problematic organic contaminants present in extracted plant analytes are methanol 

[CH3OH] (MeOH) and ethanol [C2H6O] (EtOH) [1, 2, 4]. The OH bonds of methanol and ethanol 

share similar spectral features with water, which is the suspected source of the interference 

during plant analyte stable isotope analysis via IRIS methods [1].  

 

Brand et al. [1] studied the effect of MeOH and EtOH contamination in lab prepared water-

contaminant samples on a Picarro CRDS by comparing these results to those produced by 

thermal conversion/elemental analyzer IRMS (TC/EA-IRMS). They showed that MeOH 

contamination caused greater errors than EtOH contamination on CRDS isotopic results, but that 

both MeOH and EtOH contamination caused IRIS results to differ from IRMS results. West et 

al. [2] furthered this work by testing water extracted from 11 different plant species, and one 

organic soil on IRIS and IRMS methods. They found that for over half the samples, significant 

and substantial deviations occurred between IRIS and IRMS results, due to co-extracted organic 

contamination in the plant extracted analytes. Interestingly they showed that the CRDS and OA-

ICOS systems produced significantly different results when exposed to the more strongly 

contaminated plant water samples.  

 

While effects of organic contamination have been well studied on the CRDS device, work has 

yet to be presented utilizing known concentrations of MeOH and EtOH-water mixtures and 

quantifying their effect on isotopic results returned by OA-ICOS analysis. The Liquid Water 
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Isotope Analyzer - Spectral Contamination Identifier (LWIA-SCI) software produced by LGR is 

used to identify and quantify the presence of spectral contaminants during liquid water analysis 

via OA-ICOS [4, 5]. Furthermore, if the contaminant sources are known, a protocol for correcting 

isotope ratios of contaminated samples has been suggested, though these protocols will be 

specific to individual devices [4].  

 

Here we repeat the case study of  Brand et al. [1] but on the LGR OA-ICOS system. Where Brand 

et al. [1] compared the TC/EA-IRMS to a Picarro WS-CRDS system, we analyzed MeOH and 

EtOH contaminated samples on a LGR IWA-45EP OA-ICOS and an Elementar Isoprime IRMS 

system (Elementar UK Ltd, Stockport, UK). Since 2009, there has been an explosion of studies 

using the direct vapour equilibration (DVE) method [6-10]. However, for OA-ICOS measurements 

in vapour mode, by DVE or during in-situ analysis, no current contaminant detection or 

correction software exists. We go beyond the Brand et al. [1] case study, by also analyzing MeOH 

and EtOH contaminated samples in vapour mode via OA-ICOS. This is done to test the 

effectiveness of the LGR ‘Absorption’ (Ab) plot, and the ‘Spectra Fit Residuals’ plot (SFR), at 

indicating the presence of contaminants in analyzed samples during vapour analysis. We test the 

null hypothesis that results from the Brand et al. [1] study will be similar on the OA-ICOS 

system. We seek to reject the null hypothesis based on the findings of West et al. [2] where they 

showed significant differences in returned water isotopic composition between OA-ICOS and 

CRDS when analyzing organic contaminated samples. Our specific objectives were: 

 

1. Quantify the effects of increasing concentrations of MeOH and EtOH contamination on 

OA-ICOS analysis in liquid and vapour analysis modes. 

2. Investigate the effectiveness of the Ab and SFR plots at indicating the presence of MeOH 

and EtOH contaminants in samples analysed by OA-ICOS in vapour-mode. 

 

4.3 Materials and Methods 

We prepared a series of pure and contaminated water samples using MeOH and EtOH as our 

contaminant source. Samples were prepared in 250-mL Nalgene™ HDPE bottles, with a new 

bottle used for each contamination concentration and type of contaminant (MeOH and EtOH). 
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The MeOH source was EMD Chemicals (Millipore Sigma, Burlington, MA, USA), histology 

grade, 98% by volume methanol. The EtOH source was Commercial Alcohols (Greenfield 

Global Inc, Toronto, ON, Canada), Ethyl Alcohol 95% by volume. The dilution equation (C1V1 

= C2V2) was used to determine appropriate volumes of contaminant per desired concentration 

level. Appropriate volumes of contaminant were mixed with 250 ml of deionized water (DIw) to 

create MeOH-water and EtOH-water mixtures. MeOH contaminated samples were prepared at 

0.001%, 0.01%, 0.1%, 0.5%, and 1.0% concentration. EtOH contaminated samples were 

prepared at 0.001%, 0.01%, 0.1%, 1.0%, 5.0%, and 10.0% concentration. Sub samples were 

taken from the original MeOH-water and EtOH-water mixtures for liquid and vapour-mode 

analysis on OA-ICOS, and for liquid analysis on IRMS. For liquid water analysis, a series of 

sub-samples were prepared in replicate for the DIw control samples, and for each contamination 

concentration. In liquid-mode analysis, for the two isotopic analysis systems tested (OA-ICOS 

and IRMS), three replicates were created for each concentration and for the control DIw samples. 

For vapour-mode analysis by DVE on OA-ICOS, one sample was created per contaminant 

concentration. Thus, for liquid-mode analysis on OA-ICOS and IRMS, 36 samples were 

analysed: 3 DIw control samples, 15 MeOH contaminated water samples, and 18 EtOH 

contaminated water samples per analysis approach. For vapour-mode analysis on OA-ICOS 5 

MeOH contaminated water samples and 6 EtOH contaminated water samples were analysed. 

 

4.3.1 Isotopic Analyses 

Liquid water isotopic analysis of the control and contaminated samples was carried out on a 

LGR IWA-45EP OA-ICOS system and an Elementar Isoprime IRMS system. The DVE method 

was used to analyse contaminated samples in vapour-mode on only the OA-ICOS system.  

 

For IRIS analyses in liquid-mode, an LGR IWA-45EP OA-ICOS analyser was used with an 

accuracy of ±1.0‰ for δ2H and ±0.2‰ for δ18O values. In vapour mode, for a 30 second reading 

period, results were accurate to ±1.8 for δ2H and ±0.3 for δ18O values. The liquid isotopic data 

were checked for spectral contamination using the Spectral Contamination Identifier (LWIA-

SCI) post-processing software (LGR). For vapour-mode analysis by DVE we followed protocols 

developed by Wassenaar et al. [7]. For DVE analysis, one sample was prepared per contaminant 
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concentration by placing 5 ml of the sample into a 17.8 cm x 20.3 cm Leakproof bag (Uline, 

Wisconsin, USA. Model No. S-5855) with a double-locking airtight zipper. The headspace was 

filled with dry air and allowed to equilibrate with the samples for 30 minutes at room 

temperature (~22 °C) prior to analysis. The headspace sampling apparatus was a 21 G stainless 

steel needle connected to a 1 m long by 0.95 mm impermeable plastic line that was attached to 

the input port of the LGR analyser. Prior to, and in between sampling of headspaces, the needle 

was connected to a Drierite laboratory gas drying unit (W.A. Hammond Drierite Co. Ltd, Xenia, 

OH, USA) until the internal water content of the IWA-45EP analyser was below 500 ppmV H2O. 

The headspace of control, contaminant-water, and water standard bags were sampled by piercing 

the sample bag with the needle. Sampling took on average two minutes. Water standard bags 

were re-sealed with tape in between analyses. δ2H and δ18O values were noted when the 

measured headspace water content stabilized at ~28,000 ppmV H2O for at least one minute and 

the standard deviation of the raw isotope data was less than +/- 1 for both isotopes. Two lab 

water standards were used to normalize the data using the bracketed normalization configuration, 

which minimizes and controls for machine drift. Standard one had isotopic composition -201‰ 

(δ2H) and -26.17‰ (δ18O). Standard two had isotopic composition 2.5‰ (δ2H) and -0.1‰ 

(δ18O). Control water samples were prepared in the same fashion as the contaminated samples, 

noted above. Water standards were alternated and analysed every four samples (bracketed 

normalization).  A third, known, control water sample was analysed every eight samples as a 

means of tracking the quality assurance/ control of the run. The control water isotopic 

composition was, -137.5‰ (δ2H) and -17.45‰ (δ18O). 

 

For IRMS analyses, an Elementar Isoprime isotope ratio mass spectrometer (Elementar UK Ltd, 

Stockport, UK) was used. The hydrogen isotopic compositions were determined by reduction of 

water to hydrogen by reaction with elemental chromium, following the method of Morrison et al. 
[11].  System protocols were as follows: 0.8 µL of water was injected into a quartz reactor 

containing elemental chromium at 1030 °C.  The resultant H2 gas was separated on a 1 mole 

sieve gas chromatograph column and introduced into the Elementar Isoprime isotope ratio mass 

spectrometer. Resultant raw delta values of the measured hydrogen were normalized to the 

VSMOW-SLAP scale by analyses of two calibrated waters, INV1 and ROD3, with δ2H values of 
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-218‰ and -4‰, respectively. For oxygen isotopes, we used the CO2-H2O equilibration 

technique of Epstein and Mayeda [12].  A Micromass multi-flow device (Waters Corp., Milford, 

MA, USA) was connected to the Elementar Isoprime isotope ratio mass spectrometer at 25 °C 

for all CO2-H2O equilibrations. Results are reported relative to the VSMOW-SLAP scale by 

normalizing to INV1 and ROD3, with δ18O = -28.5‰ and -1.0‰, respectively. The mass 

spectrometer used in this study had a precision of ±1.5‰ for δ2H and ±0.3‰ for δ18O values.  

 

The isotope ratios (R) for δ2H (2H/1H) and δ18O (18O/16O) are expressed in per mil (‰) relative 

to Vienna Standard Mean Ocean Water (VSMOW), defined as follows: 

 

δ2H or δ18O = (RSAMPLE / RSTANDARD – 1)                                   (1) 

  

Where RSAMPLE is the 2H/1H and 18O/16O ratios of the sample. RSTANDARD  is the 2H/1H and 
18O/16O ratios of the VSMOW standard [13, 14]. 

 

4.3.2 Use of Absorption and Spectra Fit Residuals Plots for Contamination Detection  

The OA-ICOS system has two plots available for viewing in real time during vapour-mode 

analysis, that may be useful tools for indicating the presence of organic contaminants. They are 

the ‘Absorption’ (Ab) plot, and the ‘Spectra Fit Residuals’ (SFR) plot. During analysis of pure 

water samples both plots show consistent, stable absorption peaks at 5, 0, and -5 Ghz, with 

smooth troughs between each peak with absorption plot values < 0.1 (Fig 1). In previous testing, 

during analysis of known contaminated samples, we noted that these smooth troughs began to 

fluctuate, indicating that these plots could be useful contamination detection tools. During DVE 

analysis in vapour-mode we monitor both Ab and SFR plots in real time during control and 

contaminated sample analysis, using fluctuations in the troughs to indicate contamination.  

   

4.3.3 Data Analysis 

Analysis was carried out with the statistical software R 3.3.2. [15] For liquid water analysis, to 

quantify consistency and repeatability, mean and standard deviation (sd) were calculated for the 

replicates of the control and contaminated samples for both analysis types. The stable isotope 
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ratios of the control DIw, analysed via OA-ICOS was considered the reference control water 

stable isotope values. We use the OA-ICOS result as our reference value as the accuracy of the 

OA-ICOS system is better than that of the IRMS system used in this study. The δ2H and δ18O 

error (‰) (trueness) was calculated for all liquid and vapour OA-ICOS, and liquid IRMS control 

and contaminated samples as follows: 

δ2H or δ18O error (‰) = RControl – RMeasured                                                                                 (2) 

 

Where: RControl is the mean δ2H or δ18O value (‰) of the control water samples as analysed on 

OA-ICOS. RMeasured is the mean measured δ2H or δ18O value (‰) of the pure water samples 

analysed via IRMS or the contaminated samples measured via IRMS or OA-ICOS (liquid and 

vapour).  

 

For a quality threshold we adopted the maximum accepted bias (MAB) detailed in Martin-

Gomez et al. [3]. The MAB is ± 6‰ (δ2H) and ± 0.8‰ (δ18O) and was set by the Isotope 

Hydrology Section of the International Atomic Energy Agency (IAEA) during a proficiency test 

for water isotope analysis [3]. While other studies suggest smaller ranges for accuracy analysis in 

hydrological research (ex: Wassenaar et al. [16]), we agreed with the approach of Martin-Gomez 

et al. [3] in using a larger MAB range since we are comparing results between different analysis 

methods.  

 

4.4 Results 

4.4.1 Effects of Contamination on Liquid Water Analysis. 

 Table 1 summarizes the descriptive statistics of the isotopic ratios of the liquid and vapour 

samples for the control DIw and for all MeOH and EtOH contaminated samples analysed on 

IRMS and OA-ICOS. Table 2 summarizes the δ2H and δ18O values error relative to the OA-

ICOS measured reference water isotopic composition. The mean stable isotope ratios of the DIw 

control sample, analysed via OA-ICOS, were -60.02‰ (δ2H) (sd: 0.41‰, n=3) and -8.50‰ 

(δ18O) (sd: 0.09‰, n=3). The stable isotope ratios of the DIw control samples analysed via IRMS 

were similar to the OA-ICOS reference values. The mean difference between OA-ICOS and 

IRMS control DIw results were -1.14‰ (δ2H) and -0.02‰ (δ18O) (Table 2). For liquid water 
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samples analysed via OA-ICOS, the LWIA-SCI software flagged MeOH contaminated samples 

at 0.01%, 0.1%, 0.5%, and 1% for narrow band and broad band contamination. MeOH-0.01% 

samples were flagged only for narrow band contamination. The LWIA-SCI software flagged 

EtOH contaminated samples for broad band contamination only, at 1%, 5%, and 10%. MeOH 

and EtOH at all contamination concentrations did not have a large impact on the stable isotope 

results returned by IRMS, relative to the IRMS control DIw results (Fig 2). Conversely, MeOH 

and EtOH contamination had a substantial effect on results returned by OA-ICOS (Fig 3).  

 

However, MeOH contamination had a far greater effect than EtOH on OA-ICOS analyses. For 

MeOH contamination at 0.001% and 0.01% the isotopic results produced by OA-ICOS were 

similar to the OA-ICOS DIw reference (control) stable isotope results, with the maximum 

difference being 2.8‰ for δ2H values and 1.6‰ for δ18O values (Table 2). For MEOH 

contamination at 0.1%, 0.5% and 1% the difference between the OA-ICOS results and OA-ICOS 

reference values became substantial with the maximum difference being 406‰ (δ2H) and 261‰ 

(δ18O). For EtOH contamination, δ2H results were not significantly affected when analysed on 

OA-ICOS until 10% EtOH concentration. OA-ICOS δ18O results were significantly affected at 

5% and 10% EtOH concentrations. Of note, for results produced by OA-ICOS, with increasing 

MeOH contaminant concentration the relationship between δ2H and δ18O values is strongly 

linear (R2 = 0.9993) (Fig 3). Increasing EtOH contamination did not result in the same highly 

linear relationship between returned δ2H and δ18O values (R2 = 0.5835) (Fig 3). 

 

Figures 4 and 5 shows the δ2H and δ18O error caused by MeOH and EtOH contamination for 

OA-ICOS and IRMS in liquid analysis modes. The δ2H and δ18O error for results from IRMS 

analysis were not consistent with increasing contaminant concentration (Table 2). For MeOH 

contamination the average δ2H error of IRMS results relative to the OA-ICOS reference value 

was -0.29‰ (sd: 0.88‰, n=15), with the smallest error from MeOH-0.5% at 0.14‰ and the 

largest error from MeOH-0.01% at -1.05‰. However, these all fall within the δ2H precision 

range of the IRMS (± 1.5‰). The average δ18O error of IRMS results relative to the OA-ICOS 

reference value for MeOH contamination was -0.08‰ (sd: 0.48‰, n=15), with the smallest error 

from MeOH-0.1% at 0.09‰ and the largest error from MeOH-0.001% and MeOH-1.0% at 
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0.58‰ and -0.58‰ respectively. The largest δ18O error values do not fall within the IRMS δ18O 

precision range (±0.3‰). For EtOH contamination the average δ2H error of IRMS results relative 

to the OA-ICOS reference value was 0.14‰ (sd: 1.04‰, n=18), with the smallest error from 

EtOH-0.1% at 0.4‰ and the largest error from EtOH-10.0% at -1.08‰. Again, these values fall 

within the IRMS precision range. The average δ18O error of IRMS results relative to the OA-

ICOS reference value for EtOH contamination was -0.91‰ (sd: 0.22‰, n=18), with the smallest 

error from EtOH-0.1% at -0.71‰ and the largest error from EtOH-10% at -1.11‰. Both the 

largest and smallest δ18O error values fell outside the IRMS precision range. 

 

MeOH and EtOH contamination had a more significant effect on δ2H and δ18O error for liquid-

mode results produced by OA-ICOS as shown in Figure 4 and 5 and in Table 2. MeOH 

contamination caused δ2H and δ18O values to become increasingly more positive as the 

concentration of contaminant increased (Fig 3). For MeOH contamination, the smallest δ2H error 

of OA-ICOS results relative to the OA-ICOS reference value was from MeOH-0.001% at 0.03‰ 

and the largest δ2H error was from MeOH-1.0% at 406.3‰. The smallest δ18O error of OA-ICOS 

results relative to the OA-ICOS reference value was MeOH-0.001% at -0.08‰ and the largest 

error from MeOH-1% at 261‰. For the lower concentrations (0.001%, 0.01%, 0.1%, 1.0%), 

EtOH contamination inconsistently affected the δ2H and δ18O values returned by OA-ICOS. At 

higher EtOH concentrations (5% and 10%) the δ2H and δ18O values skewed in a negative 

direction. For EtOH contamination the average δ2H error of OA-ICOS results relative to the OA-

ICOS reference value was -2.83‰ (sd: 3.5%, n=18), with the smallest error from EtOH-0.1% at -

0.79‰ and the largest error from EtOH-10% at -9.84‰. The average δ18O error of OA-ICOS 

results for EtOH contamination was -1.7‰ (sd: 1.4‰, n=18), with the smallest error from EtOH-

0.1% at -0.64‰ and the largest error from EtOH-10% at -4.1‰. 

 

Vapour-mode results from OA-ICOS were even more significantly affected by MeOH and EtOH 

contamination than liquid-mode results (Figure 4 and 5, Table 2). Specifically, in liquid-mode 

analysis it was the δ2H results that were most strongly affected by the presence of contaminants, 

whereas in vapour-mode, the δ18O results were the far more strongly affected of the two isotopic 

ratios. For MeOH contamination the smallest δ2H error of OA-ICOS-vapour results relative to 
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the OA-ICOS reference value was from MeOH-0.001% at 2.51‰ and the largest measured error 

was from MeOH-0.5% at 941.7‰. The smallest δ18O error of OA-ICOS-vapour results relative 

to the OA-ICOS reference value for MeOH contamination was again from MeOH-0.001% at 

1.08‰, and the largest measured error was from MeOH-0.5% at 1315.2‰. We note that isotopic 

values (δ2H and δ18O) for MeOH-1% when measured in vapour-mode were so affected by 

contamination that the OA-ICOS system could not return a result (Table 2 NA values). For EtOH 

contamination the smallest δ2H error of OA-ICOS-vapour results relative to the OA-ICOS 

reference value was from EtOH-0.001% at -0.45‰, and the largest was from EtOH-5.0% at 

33.1‰. The smallest δ18O error of OA-ICOS-vapour results relative to the OA-ICOS reference 

value for EtOH contamination was again from EtOH-0.001% at -0.5‰, and the largest error was 

from EtOH-0.5% at -43.4‰. 

 

Figure 6 shows the MeOH-water and EtOH-water mixture results from IRMS and OA-ICOS 

(liquid-mode), detailing the offsets of the OA-ICOS results from the IRMS results for each 

contaminant, at each concentration level. The dependance of the reuslts on MeOH contamination 

is clearly far greater than for EtOH contamination. The results from OA-ICOS liquid-mode 

analysis for both contamiants (MeOH and EtOH) show highly linear relationships between 

MeOH and EtOH contaminant concentrations and both isotope ratios (δ2H and δ18O).  

 

4.4.2 Ability of Absorption and Spectral Fit Residual Plots to Detect Contaminants. 

 Pure water, when analysed by DVE in vapour mode on OA-ICOS will yield Ab and SFR plots 

as shown in Figure 1, and the peaks (at 5, 0, and -5 Ghz) and troughs of these plots will remain in 

a consistent location with no fluctuations. When MeOH-water mixtures were analysed by DVE 

on the OA-IOCS in vapour-mode, the following was observed. At MeOH concentration of 

0.001% neither the Ab or SFR plot showed any fluctuations (Fig 7A). At MeOH concentration 

0.01% the Ab plot shows no evidence of fluctuation, but the SFR plot began to show fluctuations 

between the normal peaks (Fig 7B). At MeOH 0.1%, small fluctuations begin to appear in the 

troughs of the Ab plot, and the SFR plot shows substantial fluctuations (Fig 7C). Furthermore, at 

this concentration (MeOH 0.1%) the returned stable isotope results begin to clearly diverge from 

the DIw control results produced by OA-ICOS during DVE analysis.  At MeOH 0.5% and 1.0% 
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both the Ab and SFR plots show large fluctuations in the troughs between absorption peaks, and 

in fact begin to show negative absorption values on the AB plot (Fig 7D and E). Since negative 

absorbance is a physical impossibility, this indicates that the results produced with negative 

absorbance should be discarded. 

 

When EtOH-water mixtures were analysed by DVE via the OA-ICOS in vapour-mode, the 

following was observed. At EtOH concentrations of 0.001%, 0.01%, and 0.1% neither the Ab or 

SFR plots show any fluctuations (Fig 8A, B, and C). The returned stable isotope values at 

0.001% and 0.01 % EtOH do not differ from the DIw control value returned by OA-ICOS DVE 

vapour-mode analysis. At 0.1% EtOH concentration, returned stable isotope results begin to 

diverge from control δ2H and δ18O values, though they remain within reasonable error ranges. At 

EtOH 1.0%, the AB plot still shows no signs of fluctuations, however the SFR plot line begins to 

become very noisy (Fig 8D) and the stable isotope results also plot further away from the DIw 

control stable isotope values. At EtOH 5% the Ab plot begins to show noise in the troughs 

between peaks and the SRF plot becomes very noisy (Fig 8E). Additionally, the stable isotope 

results also become substantially different from the DIw control. Finally, at EtOH 10% 

concentration the entire Ab plot line begins to fluctuate with noise and the SFR plot becomes so 

noisy that the peaks and troughs are eliminated (Fig 8F). 

 

4.5 Discussion 

4.5.1 Our Findings in the Context of Previous Work. 

Our  findings are consistent with Brand et al. [1], West et al. [2], and Martin-Gomez et al. [3] where 

the apparent effect of MeOH contamination was far more pronounced than the apparent effect of 

EtOH on returned IRIS results. We now confirm this finding for the LGR OA-ICOS system. One 

notable difference in our findings is that during liquid-mode analysis, MeOH contamination 

caused OA-ICOS isotopic results to skew positively and EtOH contamination caused returned 

isotopic results to skew negatively (Figure 3), but in West et al. [2] LGR OA-ICOS results tended 

to skew positively in the presence of contaminated samples. For the results that did skew 

negatively in the West et al. [2] study, they fell within the minimum instrument error (precision) 

range. Our findings suggest that EtOH contamination caused OA-ICOS results to skew in a 



 

83 

 

negative direction when concentrations were high enough to impact isotopic results. This was 

observed to some extent in Martin-Gomez et al. [3] for δ2H error on the CRDS system, but less so 

for δ18O error related to EtOH contamination. When West et al. [2] showed that LGR OA-ICOS 

results skewed positively in the presence of organic contaminated plant water, we postulate that 

their organic contaminated water contained both MeOH and EtOH (and likely other plant 

organic compounds) in varying concentrations. Since MeOH contamination produces a greater 

effect on returned isotopic results, any influence from EtOH contamination in the West et al. [2] 

plant water samples would be overpowered by MeOH effects. In the cases where the West et al. 
[2] LGR results skewed negatively, our EtOH results suggest that those plant water samples had a 

little to no MeOH contamination and were mostly affected by EtOH contamination. Part of the 

Martin-Gomez et al. [3] study detailed the effects of MeOH and EtOH-water mixtures on Picarro 

L2120-i and L1102-i CRDS isotopic analysers. They showed that EtOH contamination caused 

δ2H error to skew in a negative direction (as seen in our results) but that δ18O error skewed in a 

positive direction for the same EtOH contamination (not seen in our results). We note that for 

MeOH contamination at 1.0%, our OA-ICOS results were far more affected than the MeOH-

1.0% WS-CRDS results of Brand et al. [1]. We agree with West et al. (2010) that device specific 

effects between LGR OA-ICOS and Picarro CRDS that are causing differences in the trueness 

(relative error) of results from contaminated samples is highly problematic. The differences 

between IRIS manufacturer’s response to contaminants are likely related to the specific range of 

the water absorption band of the electromagnetic (EM) spectrum being utilized by each 

manufacturer. Additionally, the mathematical fitting procedures translating absorption into stable 

isotope values are likely unique to each manufacturer. As both the specific range of the EM 

water absorption band and mathematical fitting models utilized by Picarro and LGR are 

proprietary information, research into how these instrument specific feature affect returned IRIS 

results is difficult. 

 

Even more problematic is the finding in our study that MeOH and EtOH contamination effects 

are not consistent between liquid-mode and vapour-mode analysis on OA-ICOS. In liquid-mode 

analysis MeOH contamination caused δ2H and δ18O results to skew positively, with the greater 

effect occurring to δ2H results. However, in vapour-mode, while δ2H and δ18O results still 
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skewed positively from MeOH contamination, the effect of MeOH contamination was far more 

powerful for vapour-mode results, and the greater effect was on δ18O results instead. (Table 2, 

Figure 4 and 5). Indeed, for MeOH-0.5%, vapour-mode results were 769‰ (δ2H) and 1197‰ 

(δ18O) more positive than liquid-mode results for the same contaminant concentration. In liquid-

mode analysis EtOH contamination caused both δ2H and δ18O OA-ICOS results to skew 

negatively, though its effect was far smaller than MeOH. Interestingly, in vapour-mode, EtOH 

caused δ2H error to skew positively, but δ18O error to skew negatively. We suggest that the 

increased effect of MeOH and EtOH contamination on vapour-mode analysis results is related to 

the relative volatility of MeOH and EtOH. Both MeOH and EtOH have higher volatility (lower 

vaporization temperature) than water. As such, even though DVE analysis is taking place at 

room temperature, it may be possible that larger fractions of MeOH and EtOH are moving into 

vapour phase relative to the amount of water also moving into vapour phase. Thus, the 

concentrations of MeOH and EtOH may be higher in the headspace of the sample than is 

originally prepared in the liquid sample. If this is the case, then plant samples analysed in vapour 

mode (by DVE) that have a potential for organic contamination should be closely monitored with 

available contaminant detection tools. As this toolkit is currently quite limited, detection 

techniques for use during vapour-mode analysis must be advanced. We discuss this further, 

below.  

 

For MeOH contamination we found +406‰ relative error for δ2H and +261‰ relative error for 

δ18O (relative to our OA-ICOS reference values). This was much greater than errors found by 

Brand et al. (2009) where they reported ~ -23‰ relative error for δ2H and ~ -11‰ relative error 

for δ18O.  However, our EtOH results, shown in Figure 6, resemble the results of the Brand et al. 

study, in that our OA-ICOS results for both isotope ratios (δ2H and δ18O) skewed negatively with 

increasing contamination. This was unexpected as we originally assumed that both EtOH and 

MeOH contamination would cause a positive skew in δ2H and δ18O results from OA-ICOS based 

on observations by West et al. [2]. While Martin-Gomez et al. [3] showed a negative skew in the 

trueness of δ2H results for EtOH contaminated samples, we hypothesized that this was a device-

specific effect on trueness unique to the CRDS system. We observed a linear correlation between 

MeOH concentrations and both stable isotope ratios, and EtOH concentrations and both stable 
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isotope ratios, as was reported by Brand et al. [1] (Figure 6). But, our linear relationships between 

contaminant concentrations and stable isotope ratios were not identical to those of Brand et al. 
[1]. This may be due to the unique stable isotope composition (δ2H and δ18O ratios) of our MeOH 

and EtOH sources relative to those used in Brand et al. [1]. We too attribute the effects of 

contamination on returned OA-ICOS results to be feature specific spectral contamination effects, 

as opposed to mass-based fractionation effects. 

 

The findings of our research and Martin-Gomez et al. [3] while similar in that MeOH 

contamination caused far greater effects than EtOH contamination for IRIS our analyses are 

different in that we showed opposite effects on trueness skew direction (positive vs negative) 

from organic contamination.  For IRIS results, Martin-Gomez et al. [3] showed that EtOH 

contamination caused the CRDS δ18O results to skew positively, whereas our OA-ICOS δ18O 

result trueness skewed in the negative direction (Fig 5). The δ18O trueness results from Martin-

Gomez et al. [3] fell within the MAB. In our study δ18O trueness results fell within the MAB, 

except for the EtOH-1.0%, 5.0%, and 10.0% results. For EtOH contamination effects on δ2H 

trueness, we found only minor effects with a mix of positive and negative trueness skew. EtOH 

contamination caused δ2H errors that fell well within the MAB, except for results from EtOH-

10.0% concentration. However, Martin-Gomez et al. [3] found trueness skew in δ2H results from 

EtOH contamination at 2%, 4% and 8% concentrations. For EtOH at 8%, the Martin-Gomez et 

al. [3] δ2H results fell outside of the MAB.  

 

The effect of MeOH contamination on δ18O trueness on IRIS results in our study (via OA-ICOS) 

was substantially larger than that of Martin-Gomez et al. [3] (via CRDS). MeOH contamination 

caused our δ18O trueness to skew positively, whereas it caused the δ18O trueness of Martin-

Gomez et al. [3] to skew negatively. Our maximum trueness skew for δ18O was 261‰ relative to 

our OA-ICOS reference value (-8.5‰), occurring at MEOH-1.0%, whereas the maximum δ18O 

trueness skew from Martin-Gomez et al. [3] was -142‰ from MeOH-1.6%. Conversely, the 

effect of MeOH contamination on δ2H error was far more substantial in the Martin-Gomez et al. 
[3] study than was the case in our experiment. We found a maximum δ2H trueness skew of 

+406‰ at MeOH-1.0% relative to the OA-ICOS reference value (-60.02‰) (Fig 6). Martin-
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Gomez et al. [3] found a maximum δ2H error of -1077‰ relative to their control. While the 

Martin-Gomez et al. [3] maximum MeOH concentration was almost double our values (1.6% vs 

1.0%, respectively), our use of the  linear relationship between δ2H results and MeOH 

contaminant concentration (δ2H ratio = 400.16 x (MeOH [1.6%]) - 65.57, R2 = 0.994) (Fig 6) for 

MeOH at 1.6% concentration, results in a δ2H ratio of 575‰, which is a relative error of 636‰. 

So, our maximum δ2H error was still lower than that found by Martin-Gomez et al. [3]. 

 

For IRMS analyses, our study and that of Martin-Gomez et al. [3] found that EtOH and MeOH 

contamination had very little effect on returned IRMS results. However, Martin-Gomez et al. [3] 

showed that for EtOH-8% δ18O error fell outside of the MAB, and for EtOH-4% and 8% δ2H 

error fell outside of the MAB. For all MeOH concentrations and for both isotopes none of 

Martin-Gomez et al. [3] results fell outside of the MAB. In our study the IRMS δ18O error fell 

outside of the MAB at EtOH 1%, 5%, and 10%. For δ2H error, EtOH stable isotope results at all 

concentrations did not fall outside of the MAB. Similarly, for both isotope ratios (δ2H and δ18O), 

MeOH contamination at all concentrations did not cause IRMS results to fall outside of the 

MAB.  The differences between the results of our study and the findings of other researchers [1-3] 

is likely connected to device specific measurement differences, and the unique isotopic 

compositions of the contaminants chosen in the various studies. 

 

4.5.2 Absorption and Spectral Fit Residuals Plots as Contaminant Detectors. 

Millar et al. [17] showed that DVE may be an effective method for investigating the stable isotope 

ratios of plant transpiration stream water. However, an effective means of gauging the presence 

of organic contaminants in the headspace of DVE samples is urgently needed. As shown in the 

results section above, the Ab plot appears to only be useful as a MeOH contaminant detection 

tool during vapour-mode analysis of DVE samples on OA-ICOS at MeOH concentrations ≥ 

0.1% (Fig 7). The Ab plot is even less effective at detecting EtOH contamination, as it only 

begins to show evidence of contamination at concentrations ≥ 5.0% (Fig 8). The SFR plot is 

much more effective than the Ab plot at detecting MeOH contamination in the headspace of 

DVE samples at concentrations as low as 0.01%, which is when stable isotope results begin to 

substantially diverge from the OA-ICOS reference values. The SFR plot is also more effective at 
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detecting EtOH contamination than the Ab plot, with evidence of contamination observable at 

concentrations as low as 0.1%, which is again when stable isotope results begin to diverge from 

the OA-ICOS reference values. Since MeOH is the more problematic of the two compounds, 

causing greater effects on returned stable isotope results as shown in our study and others [1, 3], 

it’s detection and correction should be prioritized. As such, the SFR plot appears to be an 

effective tool for detection. The offsets displayed on the SFR plot in the presence of 

contaminants are based on output parameters in the raw data files of the OA-ICOS system. These 

offsets are correlated with the organic contaminants present in the measurement cavity. Thus, it 

should be possible to correct isotopic data and possibly quantify the concentration of 

contaminants based on these raw output parameters. We suggest this may be possible based on 

similar work utilizing the LWIA-SCI (LGR) software [4]. In this work Schultz et al. [4] show that 

the correction approach they developed was able to eliminate differences between IRMS and 

IRIS results for δ18O, and substantially reduce differences for δ2H. However, they noted 

differences in the magnitude and direction of corrections between their developed approach and 

that detailed by LGR. As such they note that unique correction protocols will likely need to be 

developed for individual analysis systems. This work suggest that correction factors developed 

for vapour analysis approaches will also need to be device specific. 

 

4.6 Conclusion 

We analysed a series of MeOH-water and EtOH-water mixtures of varying concentrations on 

IRMS and LGR OA-ICOS analysis systems. We report similar findings to that of previous work 

with the Picarro CRDS analyser whereby MeOH and EtOH contamination cause errors in 

returned stable isotope results. Our work confirms that MeOH is a far more problematic 

contaminant than EtOH, causing larger relative errors in δ 2H and δ18O ratios returned by OA-

ICOS analysis. While our findings are similar to previous work with the Picarro device, the 

magnitude of errors, the direction of relative δ2H and δ18O trueness skew (positive vs negative), 

and the offsets between control values, and contaminated sample OA-ICOS results were not. 

This is likely due to a combination of factors including the use of different IRIS methods (OA-

ICOS vs WS-CRDS) and the difference in stable isotope composition of the MeOH and EtOH 
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used as contaminant sources in the various studies, and device and manufacturer specific 

differences. 

  

While software like the LWIA-SCI package exists for organic contaminant detection during 

liquid water analysis, no such systems exist for use during vapour-mode analysis on OA-ICOS 

systems. We found that the Spectral Fit Residuals plot, available on LGR OA-ICOS systems, 

may be a useful tool for organic contaminant detection in real time at concentrations where 

results begin show evidence of errors, and thus that correction based on raw data output 

parameters could be developed. The SFR plot could be very useful during DVE analysis for 

flagging samples that are contaminated and in need of correction or analysis via IRMS. We 

advocate that further tools be developed for contaminant detection, in-line filtration, and isotopic 

result correction during vapour-mode analysis approaches.  
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4.8 Transition Statement 

 In Chapter 4 we quantified the effects of methanol and ethanol contamination of the LGR OA-

ICOS analysis approach. Our findings agree with previous work in that MeOH causes 

significantly more of an effect on isotopic results than EtOH. Not seen before is the finding that 

MeOH contamination and EtOH contamination cause OA-ICOS result error to skew in opposite 

directions. Chapter 4 is the final scientific study of this thesis. Chapter 5 will contain concluding 

remarks, study limitations and future research recommendations. 
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4.11 Tables and Figures 

Table 4.1. Means and standard deviations (sd) of δ2H and δ18O ratios from control DIw samples and from MeOH-water and EtOH-
water contaminated samples. The stable isotope ratios for DIw controls, analyed via OA-ICOS, are considered the reference (true) 
DIw value. Note: the vapour analysis samples for OA-ICOS had one data point each (not replicated at n=3 as in the liquid analysis for 
IRMS and OA-ICOS). NA indicates that no value was noted. 

    Results of Analysis on OA-ICOS   Results of Analysis on IRMS 
    Liquid Analysis Vapour Analysis   Liquid Analysis 

    δ2H δ18O 
δ2H 
(‰) 

δ18O 
(‰) 

  δ2H δ18O 

Sample ID n Average 
(‰) 

sd 
(‰) 

Average 
(‰) 

sd 
(‰)   Average 

(‰) 
sd 

(‰) 
Average 

(‰) sd (‰) 

Control H2O 3 -60.02 0.41 -8.50 0.09 -62.09 -8.80   -61.16 0.06 -8.52 0.20 
                          

Methanol Contaminated Samples 
MeOH-0.001% 3 -59.99 0.17 -8.58 0.31 -57.51 -7.42   -60.49 1.13 -7.92 0.50 
MeOH-0.01%   -57.23 0.20 -6.91 0.03 -32.93 7.00   -61.07 0.45 -8.60 0.20 
MeOH-0.1%   -29.71 0.23 12.98 0.09 251.73 159.79   -60.28 0.60 -8.41 0.31 
MeOH-0.5%   111.91 0.25 108.91 0.35 881.68 1306.70   -59.87 1.23 -8.87 0.19 
MeOH-1.0%   346.26 1.03 252.54 0.43 NA NA   -59.83 0.74 -9.08 0.04 

                          
Ethanol Contaminated Samples 

EtOH-0.001% 3 -62.43 1.22 -9.29 0.55 -60.47 -9.00   -59.05 0.33 -9.18 0.05 
EtOH-0.01%   -60.90 0.13 -9.22 0.02 -62.67 -9.01   -59.40 1.01 -9.30 0.03 
EtOH-0.1%   -60.81 0.36 -9.14 0.08 -54.42 -9.97   -59.61 1.19 -9.21 0.04 
EtOH-1.0%   -62.03 0.28 -9.44 0.02 -51.61 -15.16   -59.27 0.54 -9.58 0.03 
EtOH-5.0%   -61.06 0.43 -11.44 0.00 -26.90 -35.67   -60.81 0.17 -9.69 0.02 
EtOH-10.0%   -69.86 0.09 -12.58 0.11 -48.55 -51.91   -61.09 0.88 -9.61 0.16 
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Table 4.2. Relative error (trueness) of δ2H and δ18O values measured by IRIS and OA-ICOS. 
The OA-ICOS DIw isotope ratios are used as the reference (true) control water isotope 
composition. Relative error is calculated as detailed in Equation 2 in the methods section. The 
precision of the OA-ICOS system in liquid analysis mode is: ±1.0‰ for δ2H and ±0.2‰ for δ18O 
values, and in vapour mode it is: ±1.8 for δ2H and ±0.3 for δ18O values. The precision of the 
IRMS system is ±1.5‰ for δ2H and ±0.3‰ for δ18O values. 
 

   δ2H (‰) δ18O (‰)    
OA-ICOS Control Reference Value -60.02 -8.50    

   
 

    
δ2H and δ18O error [‰] (trueness) relative to reference value. 

Sample ID 

OA-ICOS  IRMS 

Liquid Analysis Vapour Analysis  Liquid Analysis 
δ2H error 

(‰) 
δ18O error 

(‰) 
δ2H error 

(‰) 
δ18O error 

(‰)  
  

δ2H error 
(‰) 

δ18O error 
(‰) 

IRMS Control - - - - -1.14 -0.02 

 
      

MeOH-0.001% 0.03 -0.08 2.51 1.08  -0.47 0.58 
MeOH-0.01% 2.79 1.60 27.09 15.50  -1.05 -0.10 
MeOH-0.1% 30.31 21.48 311.75 168.29  -0.26 0.09 
MeOH-0.5% 171.93 117.42 941.70 1315.20  0.14 -0.37 
MeOH-1.0% 406.27 261.04 NA NA  0.19 -0.58 

        
EtOH-0.001% -2.41 -0.79 -0.45 -0.50  0.97 -0.68 
EtOH-0.01% -0.88 -0.72 -2.65 -0.51  0.61 -0.80 
EtOH-0.1% -0.79 -0.64 5.60 -1.47  0.40 -0.71 
EtOH-1.0% -2.01 -0.93 8.41 -6.66  0.74 -1.08 
EtOH-5.0% -1.04 -2.94 33.12 -27.17  -0.79 -1.19 

EtOH-10.0% -9.84 -4.08 11.47 -43.41  -1.08 -1.11 
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Figure 4.1. Screenshot of ‘Absorption’ plot (center graph) and ‘Spectra Fit Residual’ plot (lower 
graph) from LGR OA-ICOS analyser during analysis of de-ionized, (uncontaminated) water. On 
the Absorption plot, the peak at 5 Ghz is for the water isotopologue 1H2HO, the peak at 0 GHz is 
for H2

16O, and the peak at -5 Ghz is for H2
18O. During analysis of an uncontaminated samples, 

the peaks in both plots are stable and consistently remain at the noted frequencies.  
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Figure 4.2. Dual isotope plots detailing the mean stable isotope results produced by IRMS 
analysis for the noted level of MeOH and EtOH contamination. Plot A shows the effect of 
MeOH contamination on IRMS stable isotope results. Plot B shows the effect of EtOH 
contamination on IRMS results. Data points are the mean (n=3) for each contamination level. 
Local meteoric water line (LMWL) equation: δ2H = 7.7 x δ18O – 1.2‰[18] 
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Figure 4.3. Dual isotope plots detailing the mean stable isotope results produced by OA-ICOS 
for liquid analysis at the noted level of MeOH and EtOH contamination. Plot A shows the effect 
of MeOH contamination on OA-ICOS stable isotope results. Plot B shows the effect of EtOH 
contamination on OA-ICOS results. Data points are the mean (n=3) for each contamination level. 
Note that the scales are different for each of the below plots as MeOH and EtOH contamination 
had varying effects on returned isotopic results. Local meteoric water line (LMWL) equation: 
δ2H = 7.7 x δ18O – 1.2‰[18]. 
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Figure 4.4. δ2H errors (‰) associated with various MeOH and EtOH contamination 
concentrations in contaminant–water mixtures. The red solid lines represent the accuracy 
thresholds based on the maximum accepted bias (MAB) established by the International Agency 
of Atomic Energy (±6‰ for δ2H).  The errors were calculated as the differences between the 
dilutions measured stable isotope values and the DIw control stable isotope values produced by 
OA-ICOS. Note that the y-axis is not continuous.  
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Figure 4.5. δ18O errors (‰) associated with various MeOH and EtOH contamination 
concentrations in contaminant–water mixtures. The red solid lines represent the accuracy 
thresholds based on the maximum accepted bias (MAB) established by the International Agency 
of Atomic Energy (±0.8‰ for δ18O). The errors were calculated as the differences between the 
dilutions measured stable isotope values and the DIw control stable isotope values produced by 
OA-ICOS. Note that the y-axis is not continuous.  
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Figure 4.6. MeOH/water and EtOH/water mixture results as analysed via IRMS and OA-ICOS. 
The plots show the offsets of the OA-ICOS results from the IRMS results for each contaminant, 
at each concentration level. The offsets are linear functions of the MeOH and EtOH fractions, 
respectively. The dependance of the reuslts on MeOH is far greater than for EtOH. 
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Figure 4.7. Compiled screenshots of output monitor on OA-ICOS showing Absorption (Ab) 
plots (center graph) and Spectral Fit Residual (SFR) plots (bottom graph) Screenshots taken in 
real time during DVE analysis via OA-ICOS in vapour-mode, of MeOH/water mixtures at 
0.001%, 0.01%, 0.1%, 0.5%, and 1% contaminant concentration. Note in 7B, that we begin to 
see fluctuations due to MeOH contamination in the SFR plot between normal peaks, but not in 
the Ab plot. In 7C we begin to see fluctuations in the Ab plot due to MeOH contamination, and 
the SFR plot shows significant fluctuation. In 7D and 7E both the Ab and SFR plots show 
significant fluctuations, indicating strong MeOH contamination. 
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Figure 4.8. Compiled screenshots of output monitor on OA-ICOS showing Absorption (Ab) 
plots (center graph) and Spectral Fit Residual (SFR) plots (bottom graph) Screenshots taken in 
real time during DVE analysis via OA-ICOS in vapour-mode of EtOH/water mixtures at 
0.001%, 0.01%, 0.1%, 1.0%, 5.0%, and 10.0% contaminant concentration. Note in 8D that we 
begin to see minor noise on the SFR plot due to EtOH contamination, but no fluctuations in the 
Ab plot. In 8E we begin to see more significant noise in the SFR plot, and barely noticeable 
indications of noise in the Ab plot. In 8F we see substantial noise in the SFR plots to the extent 
that the peaks and troughs are drowned out in. 8E shows more noticeable noise in the Ab plot, 
but it isn’t until 8F at EtOH 10.0% that the noise becomes very clear in the Ab plot. 
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Chapter 5: Conclusion. 

 

Since the pioneering work of Dawson and Ehleringer [1] the stable isotopes of hydrogen and 

oxygen (2H/1H and 18O/16O) have become a widely used tool in the field of ecohydrology. They 

have been used to investigate plant water sourcing at the laboratory scale [2, 3],  all the way up to 

the ecosystem level [4, 5]. They are used to investigate differences in isotopic composition of 

water within various parts of individual plants [6-8], and are the core evidence underlaying the 

ecohydrological separation hypothesis (two water world hypothesis) [9, 10]. Increasingly, water 

stable isotopes are being used in agricultural research exploring crop water use strategies, water 

use efficiency, and irrigation water management strategies [11, 12]. However, a critical component 

of these studies is the ability to extract isotopically unfractionated analytes, representative of the 

water stream of interest (typically the transpiration stream) from the plant material. A variety of 

extraction-analysis methods exist to extract analytes from plants for subsequent stable isotope 

analysis, and until recently it was thought that these methods all returned isotopically similar 

analytes. But, work by Orlowski et al. [13] showed that the accuracy and interchangeability of 

isotopic data provided by various soil water extraction-analysis methods can vary greatly. The 

accuracy and interchangeability of isotopic data provided by the various extraction-analysis 

methods is of critical importance, as divergence as little as 10 to 15‰ (δ2H) and 2 to 4‰ (δ18O) 

are the difference between showing plant use of mobile soil water, or bulk (immobile or matrix) 

soil water in some studies. My Masters research thus focused on exploring the potential 

differences between six common lab-based plant analyte extraction systems, and the effects of 

co-extracted organic compounds on results returned by spectrometric water analysis approaches.  

 

This thesis had two main objectives:  

 

1. Inter-compare the methods of plant water extraction for stable isotope analysis of δ2H 

and δ18O values, to determine if these extraction systems return accurate, 

interchangeable results. 

2. Examine how the presence of co-extracted organic contaminants like methanol and 

ethanol in plant water samples affects stable isotope results returned by the LGR OA-
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ICOS; and then assess the effectiveness of the Absorption plot and the Spectra Fit 

Residuals plot at detecting organic contamination during vapour-mode analysis via 

OA-ICOS.    

 

The driving impetus for this research were calls by Sprenger et al. [14] and McDonnell [10] for 

intercomparison of the various soil and plant water extraction methods. A further drive was the 

findings of  Orlowski et al. [13], showing that five commonly used soil water extraction methods 

produced significantly different results. This work implied that methodological effects may also 

impact the isotopic results of analytes extracted by the various plant analyte extraction-analysis 

methods.  I addressed this call for intercomparison in Chapter 2 and Chapter 3. Additionally, 

previous work had shown that methanol (MeOH) and ethanol (EtOH) contamination affected 

isotopic results returned by the Picarro cavity ring down spectroscopy (CRDS) system [15, 16]. 

West et al. [17] tested the effects of plant extracted analytes, known to have issues with co-

extracted organic content on the Los Gatos Research (LGR) off-axis integrated cavity output 

spectroscopy (OA-ICOS) system and the CRDS system. They showed that each system produced 

significantly different results when exposed to organic contaminated plant water. However, 

research had not directly quantified the effects of known concentrations of MeOH and EtOH 

contamination on the OA-ICOS system. In Chapter 4 this research gap was addressed.   

 

5.1 Findings of Chapter 2 

In Chapter 2 [18] we performed an inter-method comparison of six common plant water extraction 

techniques: direct vapour equilibration (DVE), microwave extraction coupled with on-line OA-

ICOS analysis (ME-OA-ICOS), two unique versions of cryogenic vacuum distillation (CVD-1 

and CVD-2), centrifugation, and high pressure mechanical squeezing (HPMS). These methods 

were applied to four isotopically unique plant portions (head, stem, leaf, and root crown) of 

spring wheat (Triticum aestivum L.). When possible, we analysed extracted plant water via 

spectrometric (OA-ICOS) and mass based (IRMS) analysis systems to account for analytical 

differences between the two approaches and potential impacts of co-extracted organic 

contaminants. We also quantified the MeOH and EtOH content of water extracted by the 

methods that produced a liquid analyte.  
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 Similar to the findings of Orlowski et al. [13] we discovered that the tested extraction-analysis 

methods produced significantly different results (p ≤ 0.05) depending upon the plant portion that 

analytes were extracted from. However, we strongly caution readers when attempting to compare 

the result of our study with the Orlowski et al. [13] intercomparison, as the water carrying media 

(soil vs plant matter) are highly different from one another with regard to relative inertness, 

internal chemistry, effects on water isotope ratios and presence of co-extractable compounds [18]. 

Additionally, we found that the tested extraction-analysis methods co-extracted varying amounts 

of MeOH and EtOH, and that this MeOH and EtOH content can result in significant differences 

between results returned by OA-ICOS and IRMS analysis approaches. Specifically, the CVD-1 

system, that extracted plant water at 100 °C, showed little difference between OA-ICOS and 

IRMS analysis results even though MeOH and EtOH content caused the spectral contamination 

detection software (LGR LWIA-SCI) to flag all samples for contamination. The CVD-2 system, 

using 200 °C as an extraction temperature, produced an order of magnitude greater MeOH and 

EtOH content in the extracted water than that produced by CVD-1, and consequently there were 

significant differences between OA-ICOS and IRMS results.  

 

Assessing the accuracy of results produced in an intercomparison of this type (using plant 

extracted analytes) is difficult, as defining a reference value used in z-score analysis is not 

possible. As such we approach the question of accuracy in terms of analyte purity and 

methodological effects on extracted water. Since we are interested in answering question about 

plant water sourcing, and therefore the isotopic composition of the transpiration water, any 

extraction-analysis approach that also co-extracted substantial amounts of organics has the 

potential to be less accurate, as these co-extracted compounds can influence the final isotopic 

results returned by both OA-ICOS and to a lesser extent IRMS analysis approaches. From this 

line of reasoning we suggest that the DVE system may be the most appropriate system for 

investigating the isotopic composition of the transpiration stream in plant samples, as this 

approach operates at room temperature and may minimize the amount co-extracted organic 

compounds present in the analysis stream. Furthermore, we suggest that each extraction-analysis 

approach will induce methodological effects related to which specific water, and H & O pools 
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within the plant that are extracted. Therefore, depending on the plant portion of interest and 

method used, a unique set of organic compounds and potential water pools within the plant 

unrelated to water transport and whose isotopic composition may be dominated by solute 

content, can be extracted. This will thus impact the final returned isotopic results.   

 

5.2 Findings of Chapter 3 

In Chapter 3 we further investigated potential differences in stable isotope results produced by 

the DVE and CVD-2 extraction-analysis approaches. In this study we applied the DVE and 

CVD-2 extraction-analysis systems to a larger number of spring wheat samples collected over an 

eight-week study period. CVD-2 extracted analytes were analysed via IRMS while DVE analysis 

took place on an OA-ICOS system. The driving impetus of this study was that in the findings of 

Chapter 2 we did not see significant differences between the stable isotope results produced by 

the DVE and CVD-2 systems. The lack of significant differences in results was contrary to our 

main reasoning for why we were seeing differences between some of the various extraction-

analysis systems results in Millar et al. [18]. We sought to improve our understanding of 

differences between these systems by doing further study with a higher number of samples for 

comparison. As we expected, for all eight weeks, except in week 7 were irrigation occurred 

shortly before sampling, δ2H and δ18O values of analytes produced by DVE and CVD-2 were 

significantly different.  

 

5.3 Chapter 2 and 3 Implications and Limitations 

The findings of Chapter 2 [18] and Chapter 3 have important implications for any research fields 

using isotopic results from plant extracted analytes. This work suggests that the various 

extraction-analysis systems should not be used interchangeably and that researchers should 

choose an extraction approach whose methodological effects on the pools of water accessed 

within the plant sample are appropriate to their specific research questions. Furthermore, the 

CVD-1 and CVD-2 results from Chapter 2 were more depleted than all other approaches and 

since CVD is the most widely used extraction-analysis method in the literature [13],  this will have 

implication for conclusions drawn by studies using this approach. There are also specific 

limitations to the findings of Chapter 2 [18]. Specifically, these findings should only be extended 
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to other herbaceous species, as woody plant tissue may have greater issues related to co-

extracted organic compounds. Additionally, we were not able to quantify and identify the 

volumes and types of other co-extracted organic compounds like proteins, carbohydrates, 

terpenes etc., some of which may also impact stable isotope results. We also note that the low 

number of samples used in our intercomparison limited out statistical power and that future 

method intercomparisons should seek to use a higher number of samples. In Chapter 3 we 

addressed this specific issue by collecting a larger number of samples for analysis on DVE and 

CVD-2 approaches.   

 

5.4 Findings of Chapter 4 

In Chapter 4 we created a series of methanol (MeOH) and ethanol (EtOH) contaminated water 

samples and analysed them for their stable isotope composition in liquid and vapour-mode via 

the OA-ICOS approach and in liquid-mode via IRMS. We tested the Absorption plot and Spectra 

Fit Residuals plot, components of the OA-ICOS system, for their ability to detect organic 

contamination in water samples during vapour mode analysis. Similar to previous work [15-17], we 

found that MeOH and EtOH contamination does indeed affect isotopic results returned by 

isotope ratio infrared spectroscopy (IRIS) approaches. For both δ2H and δ18O ratios, OA-ICOS 

results showed substantial deviations from IRMS and reference water results for methanol-water 

mixtures at greater than 0.01% concentrations. In fact, MeOH-water mixtures showed deviations 

as large as 406‰ (δ2H) and 261‰ (δ18O) relative to the reference water isotopic composition 

when analysed in liquid-mode via OA-ICOS. EtOH-water mixtures only showed noticeable 

deviations between OA-ICOS and reference water results at 5% and 10% concentrations. 

Deviations as large as -9.8‰ (δ2H) and -4.1‰ (δ18O) relative to the control water isotopic 

composition were measured during liquid analysis of EtOH-water mixtures on OA-ICOS. 

Interestingly, in liquid-mode analysis via OA-ICOS, it was the δ2H results that were most 

strongly affected by the presence of contaminants, whereas in vapour-mode, the δ18O results 

were the far more strongly affected of the two isotopic ratios. Unlike previous findings which 

showed that organic contamination caused CRDS results to skew negatively and OA-ICOS 

results to skew positively in the presence of organic contaminants [17], we show that MeOH 

causes OA-ICOS results to skew positively, while EtOH causes OA-ICOS result to skew 



 

106 

 

negatively. When also found that the Spectra Fit Residuals (SFR) plot is a useful tool for 

detecting organic contamination of samples analysed in vapour-mode via OA-ICOS. The SFR 

plot detected MeOH contamination at concentrations ≥ 0.01%, and EtOH contamination at 

concentrations ≥ 0.1% in vapour-mode on OA-ICOS. Both noted concentrations (0.01% MeOH 

and 0.1% EtOH) are when isotopic results produced by the OA-ICOS began to diverge from 

IRMS results. This is a highly useful finding as contaminant detection software for use during 

vapour-mode analysis does not yet exist. Most usefully, since the output of the SFR plot is based 

on raw data within the OA-ICOS system, it may be possible to develop a correction approach for 

contaminant affected results produced during vapour-mode analysis, though these corrections 

will likely be machine specific as opposed to applicable to all analysis machines produced by the 

same manufacturer. 
 

5.5 Chapter 4 Implications and Limitations 

While the findings of Chapter 4 are not entirely unique, they serve to confirm the well know 

problems related to organic compound contamination in plant extracted water and their effect on 

results returned by IRIS analysis approaches. As IRIS approaches are cheaper and faster to run 

than their IRMS counterpart, they have been increasingly utilized for soil water analysis. Soil 

water typically does not suffer from organic contamination on the levels that plant extracted 

analytes do. Due to the speed, cost effectiveness and portability of the OA-ICOS approach, 

researchers are now also attempting to use this method of analysis with plant analytes. The 

findings of Chapter 4 further cement the need for pre-processing filtration and/or post processing 

correction techniques like those detailed in Schultz et al. [19] and Martin-Gomez et al. [16] if the 

IRIS analysis approach is to be used on plant extracted analytes. Until issues related to co-

extracted organic compound caused errors in stable isotope results can be addressed for IRIS 

analysis approaches, we urge caution in their use in analyzing plant extracted analytes. The 

stable isotope composition of the MeOH and EtOH used in this study will have likely influenced 

the returned isotopic results, in addition to the spectral interference issues related to MeOH and 

EtOH O-H bonds.  Furthermore, since we utilized 95% EtOH and 98% MeOH as the 

contaminant source, the isotopic composition of the water in these non-pure contaminants would 
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have also impacted analytical results. Additionally, a greater number of samples could have been 

used in the vapour-mode analyses to improve our statistical power.  

 

5.6 Future Recommendations 

Future research should seek to build on the findings of this thesis work. Specifically inter method 

comparisons of available plant analyte extraction techniques should be carried out on a variety of 

woody plant species to better elucidate methodological effects on returned plant analytes, as well 

as expanding upon our understanding of problems related to increased co-extracted organic 

content related to these woody species. It may be that due to the smaller volume of water held in 

herbaceous species relative to trees, that co-extracted organic compounds could be more or less 

problematic depending on their volumes relative to the water volume of the plant. However, little 

work has been done to quantify relative volumes, types, and isotopic composition of organic 

compounds co-extracted with plant water from various species of interest. Indeed, seasonal, and 

daily water cycling patterns within plants may also impact organic compound content in various 

plant portions, which in turn will impact results based on time of sampling. This should therefore 

be studied and considered during future research and sampling planning. The finding that 

different methods of extraction may be accessing different water, organic compounds, and 

atomic H and O pools within the plant also implies a need for better understanding of the 

movement, potential fractionation zones, and cycling of water within the plant. Compartmental 

modelling of plant water and organic compound pools utilizing real world bulk plant water 

(CVD extracted), and live plant transpiration and internal water isotopic composition data 

(collected by in-situ and DVE approaches) may be a powerful approach for such understanding. 

The findings of my thesis work has important implications for the tools used to access and 

analyse plant extracted analytes in the fields of ecohydrology, agricultural water use and 

management, and global hydrological modelling. 
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